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Abstract 
 
Biodiesel and high-value products from microalgae are researched in many countries. Compared to 
first generation biofuel crops, advantages of microalgae do not only lead to economic benefits but 
also to better environmental outcomes. For instance, growth rate and productivity of microalgae are 
higher than other feedstocks from plant crops. In addition, microalgae grow in a wide range of 
environmental conditions such as fresh, brackish, saline and even waste water and do not need to 
compete for arable land or biodiverse landscapes. Microalgae absorb CO2 and sunlight from the 
atmosphere and convert these into chemical energy and biomass. Thus, the removal of CO2 from the 
atmosphere plays a very important role in global warming mitigation, as the produced biofuel 
would replace an equivalent amount of fossil fuel. Based on their high protein contents and rapid 
growth rates, microalgae are also highly sought after for their potential as a high-protein containing 
feedstock for animal feed and human consumption. However, despite the promising characteristics 
of microalgae as a feedstock for feed and fuel, their stable cultivation is still difficult and expensive, 
as mono-species microalgae can often get contaminated with other algae and grazers.  
 
To address this issue I hypothesized that indigenous strains have a highly adaptive capacity to local 
environments and climatic conditions and therefore may provide good growth rates in the same 
geographic and climatic locations where they have been collected from. Collecting from fluctuating 
environments, e.g. rock pools, that undergo extreme environmental changes, may also increase the 
chances of isolating strains with a high lipid accumulation capability, a trait believed to increase 
microalgae’s survival rate. “Local microalgae from extreme environments have higher survival and 
lipid accumulation capability” was used as a working hypothesis with the main aim to isolate 
microalgal strains that are useful for large-scale cultivation. Thus, this thesis, apart from the 
biological question, also has a bioprocess engineering focus and the requirement to develop suitable 
microalgal strains for large-scale production. 
 
Although it is often stated that high lipid accumulation capacity leads to higher survival rates under 
adverse conditions, to our knowledge this basic assumption has not been proven experimentally. 
Therefore, microalgae with the ability to accumulate lipids were cultured under defined laboratory 
conditions and divided into two populations (with and without a certain level of cellular 
triacylglycerides) using flow cytometry. Subsequent survival tests confirmed that microalgal cells 
from the oleaginous population had higher survival rates under nutrient starvation conditions at all 
timepoints tested than the population with lower lipid contents. To follow up with this question in 
natural habitats, environmental factors were monitored at three field sites, including a tidal brackish 
ii 
 
river, a mangrove forest and several beach rock pools. The effects on lipid accumulation in 
microalgae as well as the entire eukaryotic micro-community structure were profiled by 18S 
pyrotag amplicon sequencing. The results showed that aquatic microorganism diversity was 
influenced by habitat conditions, such as water flow and nutrient supplies. Besides, lipid 
accumulation in microalgae was higher in adverse environmental conditions, further supporting the 
initial hypothesis.  
 
To advance the bioprospecting aspect of the thesis, indigenous microalgal strains from local 
Australian waters that undergo environmental changes were therefore isolated and evaluated as 
potential feedstock for the production of biodiesel, protein-rich animal feed and high value 
products, such as omega-3 fatty acids. Specifically, identification of microalgae from indigenous 
habitats was brought into context with screening for their potential capacity of producing significant 
amounts of oil and protein. Most samples were collected from freshwater and seawater in 
Queensland and the Northern Territory, the intended destination of large-scale microalgae farms for 
fuel and cattle feed, respectively.  
 
After an elaborate screening process, three potential strains Chlorella sp. BR2, Chlorella sp. NT8a 
and Scenedesmus dimorphus NT8e that produced high lipid and protein contents were chosen for 
optimization of culture conditions. Well controlled conditions of temperature, pH and nutrients 
during the cultivation period led to different lipid and protein productivities. There was no 
significant influence of pH and nutrients on the biochemical productivity. However, temperature 
was the factor that affected biochemical compound production the most. Chlorella sp. NT8a and 
Chlorella sp. BR2 produced high lipid and protein contents, reaching 30% (dry weight) and 50% - 
60% (dry weight), respectively, at 30°C. Scenedesmus dimorphus NT8e produced lipids reaching 
20% (dry weight) and protein reaching 45% (dry weight) at 35°C. In addition, Scenedesmus 
dimorphus NT8e has good capacities of adaptation and the ability to settle over night, an important 
feature to reduce harvesting costs. Productivity of the strain was further improved when cultured in 
outdoor closed bioreactors and open pond cultivation systems. Scenedesmus sp. NT8e has then been 
adopted for large-scale cultivation at the Algae Energy Farm in Pinjarra Hills, Australia, where 
biofuel and animal feed can be produced simultaneously. Based on the results, this strain is 
recommended for large-scale algae energy farms that can efficiently produce biofuel and animal 
feed at cattle farms in the Northern Territory of Australia. 
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AIMS OF THE RESEARCH 
Microalgae provide a promising feedstock for biofuel and animal feed. This is based on their high 
areal productivity and their ability to be cultivated on non-arable land without depending on 
freshwater resources. However, large-scale microalgae cultivation is still hampered by frequent 
contamination with other microalgal strains or grazers, and there is a need to isolate and evaluate 
high performing strains with high lipid and protein yields. Therefore this thesis has both, a 
biological and a bioprocess engineering focus, and the requirement to develop suitable microalgal 
strains for large-scale production. I hypothesized that strains from local environments maybe 
dominant and are well adapted to the areas and climatic conditions where microalgae need to be 
cultured at large scale. I further hypothesized that collecting from fluctuating environments, for 
example coastal rock pools, that undergo extreme environmental changes, or small ponds in the 
Northern Terrotory that undergo extreme temperature changes, may harbor strains with a high lipid 
accumulation capability, a trait believed to increase microalgae’s survival rate. Thus, this thesis first 
aims at demonstrating experimentally and by environmental analyses, that oleaginous local 
microalgae have a higher survival capability. This includes biodiversity analyses of various 
fluctuating environments. This then leads to the main aim, to screen, evaluate and provide the best 
possible strains to grow microalgae at large-scale in South East Queensland and the Northern 
Territory in Australia, where they would serve as a feedstock for biodiesel (high lipid contents) and 
animal feed (high protein content). 
The following aims were proposed for this thesis:  
 AIM 1 Isolate and identify indigenous microalgal strains that can produce high amounts of 
lipids and/or protein from the Northern Territory and South East Coast of Queensland. Screen for 
high lipid and high protein productivities by developing a standard protocol for microalgae 
cultivation and induction of lipid biosynthesis at laboratory scale. (Related chapter: Chapter 2, 
Chapter 4, Chapter 5) 
 AIM 2 Apply different methods for determining environmental factors affecting lipid 
accumulation in microalgae such as fluorescence automatic cell sorting (FACS), Nile red staining, 
microplate reader and fluorescence microscopy. (Related chapter: Chapter 2, Chapter 3) 
 AIM 3 Stimulate and optimize cultivation conditions for high lipid and protein 
accumulation from selected microalgal strains based on abiotic factors such as temperature, 
nutrients and pH. (Related chapter: Chapter 6, Part I) 
 AIM 4 Evaluate the lipid and protein accumulation capacity of selected microalgae using 
indoor cultivation systems and outdoor bioreactors and open ponds. (Related chapter: Chapter 6, 
Part II) 
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CHAPTER 1 
 
In recent years, research on microalgae production for their potential as feedstock for renewable 
energy and other high value products has been developed worldwide. Knowledge on microalgae as 
well as integrating information about lipid production of microalgae is very important to determine 
the best strains that possess the highest productivity and be applicable to commercial scales. In the 
first part of the thesis, an overview of microalgae and their potential applications for biodiesel 
production is provided. It is necessary to highlight methods that can be applied efficiently to build 
up a research development strategy. The conclusions drawn from the literature review should point 
out the best methods for microalgae isolation, a standardized protocol for growing and assessing 
microalgae for desirable traits. 
 
MICROALAGE ISOLATION AND SELECTION FOR PROSPECTIVE BIODIESEL 
PRODUCTION 
Adapted from “Van Thang Duong, Yan Li, Ekaterina Nowak, Peer M. Schenk (2012). Microalgae 
isolation and selection for prospective biodiesel production. Energies 5(6), 1835-1849. ” 
Abstract: Biodiesel production from microalgae is being widely developed at different scales as a 
potential source of renewable energy with both economic and environmental benefits. Although 
many microalgae species have been identified and isolated for lipid production, there is currently no 
consensus as to which species provide the highest productivity. Different species are expected to 
function best at different aquatic, geographical and climatic conditions. In addition, other value-
added products are now being considered for commercial production which necessitates the 
selection of the most capable algae strains suitable for multiple-product algae biorefineries. Here we 
present and review practical issues of several simple and robust methods for microalgae isolation 
and selection for traits that maybe most relevant for commercial biodiesel production. A 
combination of conventional and modern techniques is likely to be the most efficient route from 
isolation to large-scale cultivation. 
Keywords: algae culture; biodiesel; microalgae; lipid; fatty acids; transesterification; 
triacylglycerides 
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1. Introduction 
Microalgae have been considered for biodiesel production, based on their ability to grow rapidly 
and to accumulate large amounts of storage lipids, primarily in the form of triacylglycerides (TAG). 
Microalgae are a group of mostly photoautotrophic microorganisms that includes both prokaryotic 
and eukaryotic species. These organisms can photosynthetically convert CO2 and minerals to 
biomass, but some species also grow heterotrophically. Prokaryotic microalgae are 
cyanobacteria (blue-green algae) and eukaryotic microalgae include the nice phyla Glaucophyta, 
Chlorophyta, Chlorarachniophyta, Euglenophyta, Rhodophyta, Cryptophyta, Heterokontophyta, 
Haptophyta and Dinophyta. 
To date, about 2/3 of 50,000 species have been identified and are kept in collection by various algal 
research institutes (Richmond 2004). For example, the largest collection at present is the Collection 
of Freshwater Algae at the University of Coimbra, Portugal, maintaining about 4000 strains and 
1000 species of algae; the Culture Collection of Algae of the Göttingen University, Germany 
harbors 2213 strains and 1273 species of both freshwater and marine algae; the Culture Collection 
of Algae in the University of Texas, USA, maintains 2300 strains of freshwater species; the 
National Institute for Environmental Studies in Japan is keeping 2150 strains with about 700 
species of freshwater and marine algae (Mata el al. 2010); the Australian National Algae Culture 
Collection (ANACC) maintains about 1000 strains of microalgae which were mostly isolated from 
Australian waters (CSIRO 2012). 
Although algae collections are maintained for many purposes (e.g., for pharmaceutical, food, 
energy and industrial products), only a few hundred strains have been investigated for chemical 
content and very few are cultivated in industrial quantities. 
To date, although there is mounting interest to develop microalgal biodiesel production, the cost for 
microalgal biomass production is currently much higher than from other energy crops (Chisti 2007). 
Thus, selection of an energy and cost-efficient production model could play a very important role in 
achieving competitive biodiesel production. This includes the selection of high lipid-producing 
algae, suitable farming locations, efficient cultivation and harvesting methods and oil extraction 
procedures. Here, we focus on the first step, the selection of suitable high lipid-accumulating 
microalgae strains, a process that can be compared with the early domestication of current crop 
plants. In alignment with this purpose, this review aims to present a practical guide to several 
simple and robust methods for microalgae isolation and selection for traits that maybe most relevant 
for commercial biodiesel production. 
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2. Advanced microalgae biodiesel production 
The developments in the biodiesel industry have progressed dramatically in recent years. Developed 
countries have set priorities on biodiesel fuels for the transport and mechanical industry and 
established a Biodiesel Board for policy making and development. The production of biodiesel in 
the EU has been increasing from 1.9 million tons in 2004 to 3.2 million tons in 2005 and to 4.9 
million tons in 2006 (Li et al. 2008). In 2011, biodiesel production rose to 22.117 million tones as 
reported by the European Biodiesel Board (EBB); the leading biodiesel producing countries in the 
area include Germany, France and Spain (EBB 2012). The United States is also developing 
biodiesel applications in many different industries. According to the US National Biodiesel Board, 
biodiesel production increased from 0.016 million tons in 1999 to 0.787 million tons in 2004 
(Carriquiry 2007). Production and sales were estimated to have tripled from 2004 to 2005 and to 
have reached 21.73 million tons of fuel in 2008 and more than 31.5 million tons in 2011, as reported 
by The U.S. National Biodiesel Board (TUSNBB) (TUSNBB, 2012). To date, research on biodiesel 
production from microalgae is enthusiastically attempted globally. 
In comparison with other sources (e.g., animal fat, oleaginous grain crops and oil palm), there are 
remarkable advantages of biodiesel from microalgae as an alternative energy source for the future. 
Advantages include the following: (i) a real growth rate and oil productivity of microalgae per unit 
of land use are much higher than those of other biofuel crops; (ii) algae grow in a wide range of 
environments. Fresh, brackish and saline waters are ideal environments for growth of different 
algae species. Even in municipal and other types of wastewater, algae grow well by using inorganic 
(NH4
+
, NO3
−
, PO4
3−
) as well as organic sources of nutrients (Wang et al. 2008); (iii) microalgae 
absorb CO2 photosynthetically and convert it into chemical energy and biomass. The removal of 
CO2 from the atmosphere (and possibly industrial flue gases) may play an important role in global 
warming mitigation by replacing fossil fuel emissions although other CO2 emitting processes (e.g. 
transport or the use of nitrogen fertiliser) would still be involved (Wang el al. 2008; Sheehan et al. 
1998). Producing 100 tonnes of algal biomass fixes roughly 183 tonnes of carbon dioxide from the 
atmosphere (Chisti 2007); (iv) microalgae can provide raw materials for different types of fuels 
such as biodiesel, ethanol, hydrogen and/or methane which are rapidly biodegradable and may 
perform more efficiently than fossil fuels (Delucchi 2003); (v) products extracted from algal 
biomass can be used as sources for organic fertilizers or high value products, such as omega-3 fatty 
acids, sterols, carotenoids and other pigments and antioxidants, and could be amenable to a zero 
waste biorefinery concept (Wang et al. 2008). Therefore, microalgae have been regarded as 
possibly the only route to sustainable displacement of high proportions of fossil oil consumption. 
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3. Biodiesel conversion from microalgae 
The process of isolation and selection of algae strains needs to consider the requirements of algal oil 
suitable for biodiesel production. Algal lipids occur in cells predominantly as either polar lipids 
(mostly in membranes) or lipid bodies, typically in the form of triacylglycerides. The latter are 
accumulated in large amounts during photosynthesis as a mechanism to endure adverse 
environmental conditions. Polar lipids usually contain polyunsaturated fatty acids which are long-
chained, but have good fluidity properties. TAG in lipid storage bodies typically contain mostly 
saturated fatty acids which have a high energy contents, but, depending on the fatty acid profile of 
the algae strain, may lack fluidity under cold conditions. Provided the algal oil is low enough in 
moisture and free fatty acids, biodiesel is typically produced from TAG with methanol using base-
catalyzed transesterification (Paulson and Ginder 2007). Most current feedstock for biodiesel 
production is based on plant oils produced from oil palm, soybean, cottonseed and canola, recycled 
cooking greases or animal fats from beef tallow or pork lard (The US Department of Energy 2009). 
According to Fukuda, transesterification using base catalysts is 4,000 times faster than using acid 
catalysts (Fukuda et al. 2001). Some common base catalysts used by industry are sodium hydroxide 
and potassium hydroxide. Use of lipase enzymes as a catalyst is efficient, however their use is 
limited because of the high costs (Fukuda et al. 2001). The best temperature for the reaction is 
typically 60 °C under normal atmospheric pressure. If the temperature is higher, methanol will boil, 
lowering the efficiency (Fukuda et al. 2001). During the transesterification process, saponification 
reactions can occur, forming soap. Thus, oil and alcohol must be dried. Finally, biodiesel is 
recovered by washing rapidly with water to remove glycerol and methanol (Chisti 2007). The high 
potential of oil production from microalgae has attracted several companies to commercialize 
biodiesel from microalgae (e.g., MBD Energy Pty and Muradel Pty Ltd in Australia). Basically, 
algal biodiesel is produced after algae cultivation and harvesting, followed by oil extraction and its 
conversion by transesterification. Principally, microalgal oil can be directly used as fuel feedstock, 
based on the conventional process of biodiesel production, provided the fatty acid profile is 
favourable. But even algal oils with a high degree of saturation (e.g., similar as tallow) can be 
considered as a drop-in fuel (e.g., for B20 blends). In addition, scientists are also focusing on the 
conversion to higher value products. For example, thermal cracking is used for decomposition of 
triglycerides into hydrocarbons such as alkanes, alkenes, and aromatic compounds (Bahadur et al. 
1995, Boateng et al. 2008). 
4. Isolation and selection criteria for microalgae with potential for biodiesel production 
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4.1. Sampling and isolation of pure cultures 
Microalgae grow in most of the natural environments including water, rocks and soil, but 
interestingly also grow on and in other organisms. Their main habitats are freshwater, brackish and 
marine ecosystems. Microalgae can be found and collected not only in general aquatic ecosystems 
such as lakes, rivers and the oceans, but also in extreme environments such as volcanic waters and 
salt waters. Local microalgae species should be collected because it can be expected that they have 
a competitive advantage under the local geographical, climatic and ecological conditions. Our 
experience has shown that water and sediment samples from aquatic environments that undergo 
fluctuating and/or occasional adverse conditions provide a higher chance of isolating high lipid 
accumulating microalgae. Most likely these conditions would favour robust and opportunistic (fast-
growing) algae with superior survival skills (e.g., by accumulation of storage lipids). Examples of 
these environments are tidal rock pools, estuaries and rivers. 
Isolation is a necessary process to obtain pure cultures and presents the first step towards the 
selection of microalgae strains with potential for biodiesel production. Traditional isolation 
techniques include the use of a micropipette for isolation under a microscope or cell dilution 
followed by cultivation in liquid media or agar plates. Single cell isolation, based on traditional 
methods from the original sample is time-consuming and requires sterilized cultivation media and 
equipment, but the result of this elaborate process is always a pure culture that is usually easily 
identifiable. Another approach in the laboratory includes the enrichment of some microalgae strains 
by adding nutrients for algal growth. The most important nutrient sources for algal growth are 
nitrogen and phosphate. Some particular algae species may require trace minerals for their growth 
(e.g., silicon for diatoms). Soil water extract is an excellent source of nutrients for algae growth at 
this stage because this medium is easy to produce and satisfies nutrient intake of many algae strains. 
Although automatic isolation techniques have offered some advantages towards traditional methods 
(see below), single cell isolation by a micropipette (e.g., a glass capillary) is still a very effective 
method that can be used for a wide range of samples and is very cost-effective. An automated single 
cell isolation method that has been developed and widely used for cell sorting is flow cytometry 
(Davey and Kell 1996). This technique has been successfully used for microalgae cell sorting from 
water with many different algae strains (Reckermann 2000), primarily based on properties of 
chlorophyll autofluorescence (CAF) and green autofluorescence (GAF) to distinguish algae species 
such as diatoms, dinoflagellates or prokaryotic phytoplankton. 
Unlike for many agricultural crops, a targeted selection and domestication of microalgae strains is 
still in its infancy, while technology to economically grow microalgae with high lipid content is still 
being developed (Chisti 2007). Each microalgae strain requires careful selection and optimization in 
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order to increase lipid productivity with the aim to provide a cropping system with improved 
biofuel production and performance properties (Dinh et al. 2009). Each micro-environment may 
provide algae strains with very different properties. As opposed to only manipulating a few 
individual cultured algae strains in the laboratory for high lipid productivity, a more efficient and 
useful strategy to identify oleaginous microalgae would be an in-depth and systematic investigation 
of a whole taxonomic group of microalgae over a wide geographical and ecological distribution 
(Rismani-Yazdi et al. 2011). By correlating this with algal oil contents and optimal environmental 
growth conditions, a predictive tool for selecting optimal microalgae strains for biofuel production 
may be developed. A bioinformatics approach could assist with the discovery of new algae isolates 
capable of biodiesel production and their phylogenetic grouping may suggest that potentially many 
more species have this ability. Typically, the steps involved in obtaining data for phylogenetic 
analysis include primers design (Table 1), DNA and/or RNA extraction, PCR amplification, 
denaturizing gradient gel electrophoresis and/or sequencing. 
Table 1. Examples of 18S rDNA primers for the identification of microalgae by sequencing. 
Primer 
name 
Forward  (5’ – 3’) 
Primer 
name 
Reverse (5’ – 3’) Species 
Refere
nces 
TH18S5’ 
 
GGTAACGAATTGTT
AG 
TH18S3’ 
GTCGGCATAGTTTAT
G 
Thalassiosira pseudonana 
(Tonon 
et al. 
2004) 
P45 
ACCTGGTTGATCCT
GCCAGT 
P47 
TCTCAGGCTCCCTCT
CCG GA 
Chlorella vulgaris 
(Berard 
et al. 
2005) 
 
GTCAGAGGTGAAAT
TCTTGGATTTA 
 
AGGGCAGGGACGTA
ATCAACG 
Dunaliella salina 
(Rasoul
-Amini 
et al. 
2009) 
SS5 
GGTGATCCTGCCAG
TAGTCATATGCTTG 
SS3 
GATCCTTCCGCAGGT
TCACCTACGGAAACC 
Navicula sp. 
Chlorella sp. 
(Matsu
moto et 
al. 
2010) 
 
GAAGTCGTAACAAG
GTTTCC 
 
TCCTGGTTAGTTTCT
TTTCC 
Chlamydomonas coccoides 
Tetraselmis suecica 
Nannochloris atomus 
(Timmi
ns et al. 
2009) 
 
CCAACCTGGTTGAT
CCTGCCAGTA 
 
CCTTGTTACGACTTC
ACCTTCCTCT 
Nannochloropsis sp. 
(Yu et 
al. 
2007) 
 
In 2010, seven microalgae genomes had been completed (Radakovits et al. 2010) and current 
efforts to obtain many other microalgal genome sequences will enhance gene-based biofuel 
feedstock optimization studies (e.g., by metabolic engineering). The accumulation of storage lipid 
precursors and the discovery of genes associated with their biosynthesis and metabolism is a 
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promising topic for investigation. For example, genes encoding key enzymes involved in 
biosynthesis and catabolism of fatty acids/TAG and their regulation are currently not well 
understood (for a review of the lipid biosynthesis pathway in microalgae see Schuhmann et 
al. (Schuhmann et al. 2012). By providing insight into the mechanisms underpinning the relevant 
metabolic processes, efforts can be made to identify molecular markers for selection or to 
genetically manipulate microalgae strains to enhance the production of feedstock for commercial 
microalgal biofuels. To date, genetic engineering approaches have been successfully used to 
improve biofuel phenotypes only in Chlamydomonas reinhardtii, Nannochloropsis gaditana and 
Phaeodactylum tricornutum (Radakovits et al. 2012). 
4.2. Lipid determination 
Lipid determination in qualitative and quantitative analysis is crucial for identification of suitable 
strains for biodiesel production. Conventional methods such as solvent extraction or gravimetric 
methods have been used by Bligh and Dyer (Bligh and Dyer 1959). Separation and profiling of lipid 
components require elaborate techniques in order to satisfy criteria of biodiesel quality and includes 
thin layer chromatography (TLC), gas chromatography-mass spectroscopy (GC/MS) and/or high 
pressure liquid chromatography (HPLC) (Eltgroth et al. 2005). These methods are time-consuming 
for lipid extraction and analysis, especially for a large number of samples. Thus, a rapid screening 
for lipid content in organisms or cells is necessary and important for high-throughput screening. 
Nile red (9-diethylamino-5-benzo [α] phenoxazinone), a lipophilic stain, maybe used for this 
purpose. It was first synthesized by Thorpe in 1907 by boiling Nile blue with sulphuric acid, and in 
the same year, Smith reported the use of Nile red for detecting lipids in human cells (Greenspan et 
al. 1985). The application of Nile red for lipid staining in microorganisms such as bacteria, yeasts 
and microalgae is now a common practice that allows a rapid qualitative determination of lipids in 
cells (Figure 1) (Chen et al. 2009). 
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Figure 1. Cylindrotheca closterium and Scenedesmus sp. after Nile red staining under bright light 
(A,C) or fluorescence microscopy under blue light (B,D), respectively.  
Yellow dots show lipid bodies containing triacylglycerides; orange colour indicates polar lipids and 
red shows autofluorescence from chlorophyll. Samples were obtained from a coastal rock pool 
(A,B); and a freshwater creek (C,D) in South East Queensland, Australia. 
 
Although Nile red can be applied for rapid lipid screening, this method has not been successful in 
some particular microalgae species due to variables such as staining time, temperature, rigid cell 
walls, etc. (Chen et al. 2011). Thus, Nile red dye concentrations applied for lipid staining are 
different for particular microalgae species. To improve staining efficiency some factors can be 
considered. For instance, microwaves applied for staining were first introduced by Leong and 
Milios and then improved by Chiu et al. in 1987 (Chen et al. 2011; Chiu and Chan 1987; Muñoz et 
al. 2004). Microwave exposure time was optimized for processes of pre-treatment and staining. 
Results of this research showed that microwave-assisted staining increased remarkably fluorescence 
intensity using a spectrofluorometer from 476 to 820 arbitrary units (a.u.) for Pseudochlorococcum 
sp. and from 662 to 869 a.u. for Chlorella zofingiensis after 50s of microwave exposure in a pre-
treatment process and after 60s of staining. Dimethyl sulfoxide (DMSO) has also been used for 
enhancing lipid staining effectiveness (Chen et al. 2009; Chen et al. 2011; Spaulding 2010) and 
maybe used in low quantities instead of acetone as a solvent to allow viability of cells after staining. 
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This means that Nile red staining can not only be used as a preliminary quantitative fluorometric 
assay for relative comparisons among closely-related strains, but potentially also for mutant 
screening and selection of high lipid-yielding strains. 
4.3. Cultivation and biomass production 
Microalgae strains with potentially high lipid content (e.g., as determined by Nile red staining) need 
to be cultured to increase biomass and directly compared to each other in larger cultivation systems 
to assess their potential as biodiesel feedstock. Initial tests of the most promising algae strains 
usually are carried out at laboratory-scale using culturing flasks and other vessels, such as hanging 
bags, under well-defined growth conditions. The test should follow a standard protocol over a 
certain growth period to allow direct comparisons between strains in terms of growth rate and lipid 
accumulation (“lipid productivity”). It should be noted though that a standard assay does not take 
into consideration the potential of certain microalgae under carefully optimized conditions. An 
example of this assay is the following that is routinely used by our laboratory to compare lipid 
productivity: Pure (but not axenic) algae strains are cultured in F/2 medium (fresh or seawater) until 
near stationary growth occurs (less than 20% growth in 24 h as determined by cell counts). An 
inoculum of 5 mL of this culture is then used to start growth in 20 mL fresh F/2 medium exactly at 
2 h after the start of the light cycle. The culture is then grown and monitored by cell counting for 7 
days after which medium is replaced with nutrient-free water. Nutrient starvation is conducted after 
that for another 2 days of cultivation to test the potential for rapid TAG accumulation. Alternative 
methods can be used to induce lipid accumulation instead of nutrient starvation, such as UV 
exposure, salinity stress, etc. (Sharma et al. 2012).  In addition, biomass is collected at the end of 
the experiment for lipid content analysis. This assay is useful for screening of growth and lipid 
producing capacity of microalgae, leading to selection of potentially useful strains. 
The best candidate strains with potential for biodiesel production should then be used to optimize 
parameters for rapid growth, lipid induction, harvesting/dewatering and oil extraction. While most 
of these parameters are typically optimized under small-scale laboratory conditions, it seems 
advisable to move towards larger size outdoor cultivation conditions as soon as possible, as these 
are typically quite different. Parameters, such as salinity, nutrient composition, pH and cell density 
can be controlled to some extent, but other factors such as temperature, irradiation and the co-
cultivation of other organisms are much harder to control under outdoor conditions. 
In summary, it is advantageous to isolate and screen a large number of local microalgae strains and 
test these under mid-scale outdoor conditions as soon as possible to be close to conditions that 
maybe expected for large-scale cultivation. Figure 2 provides a step-by-step overview of how 
microalgae may be rapidly isolated and selected for larger scale biodiesel production. 
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Figure 2. Suggested 5-step protocol for rapid selection of microalgae for biodiesel production. 
Step 1: Local sampling sites should be chosen where microalgae frequently undergo adverse 
conditions;  
Step 2: Dilution series in growth medium provide the simplest, most cost-effective and fastest 
method;  
Step 3: Nile red staining of near stationary cultures followed by visual inspection provides a simple 
and rapid screening for algae with high lipid accumulation ability;  
Step 4: A standardized growth assay in the laboratory can provide comparative data on lipid 
productivity; 
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Step 5: Parameters can be directly optimized under outdoor conditions using mid-scale cultures as 
these are often very different to small-scale laboratory conditions. 
Step 1 is the first step to collect potential microalgal strains that can produce lipids. Step 4 is for 
checking lipid production capacity of each particular strain in the laboratory under standard 
conditions that allow a direct comparison between strains. This standard protocol is detailed in 
Chapter 2, providing a reference for scientists to rapidly evaluate the potential of lipid producing 
microalgae under the same laboratory conditions. Comparison of the results assists to identify the 
high lipid producers for further selection processes. 
4.4. Testing at larger scale 
At larger scale, two popular cultivation systems have been used for microalgal biomass and lipid 
production: open raceway ponds and closed photobioreactors. At present, open pond systems, 
especially large raceway ponds, are much more widely used, but bear the risk of attracting 
competing algae, grazers or viruses (Schenk et al. 2008). Although minimizing the cost of algae 
farming is one of highest priorities to achieve commercial algal biodiesel production, both systems 
require optimization of complex factors that satisfy high level production cultivation. For example, 
these include irradiation, nutrients, temperature, dissolved O2 and CO2 contents, pH, salinity, water 
quality, mixing efficiency and harvesting ability. Culturing and environmental conditions affect 
algae productivity, lipid yield and fatty acid compositions. For example, a pilot study showed that 
high growth rates and lipid accumulation of Chlorella sp. could be achieved primarily by increasing 
nitrogen concentrations and nitrogen starvation, respectively (Rodolfi et al. 2009). Similarly, 
growth of hydrocarbon-producing Botryococcus braunii was strongly dependent on light, 
temperature, salinity (Li and Qin 2005), nutrient quantity and composition (Thomas et al. 1984). 
Total lipid, carotene and chlorophyll contents of Navicula sp. increased with increasing salinity of 
the medium from 0.5 to 1.7 M NaCl (Al-Hasan et al. 1990). In some cases, wastewater (e.g., 
municipal wastewater) can be used as a nutrient source of microalgae growth. Pulz suggested that 
productivity of 60–100 mgL−1d−1 (dry weight) or a biomass concentration of 1 gL−1 is achievable in 
open pond systems (Pulz 2001). Table 2 lists some of the desirable traits for the selection process 
of microalgae with potential for biodiesel production. 
Table 2. Checklist for desirable traits for microalgae selection with potential for biodiesel 
production and high-value by products. 
Steps Traits 
Screening High/low oil 
High/low saturated fatty acids 
High/low unsaturated fatty acids 
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High/low omega 3 fatty acids 
Rapid and synchronized lipid production 
Cell wall properties 
Cell size 
Radiation tolerance/pigment synthesis 
Antioxidants, sterols, carotenoids, astaxanthins and other pigments  
Starch contents 
Protein contents 
Cultivation Rapid growth 
Salinity/freshwater tolerance 
High/low temperature tolerance 
Reduced/increased antennal pigments (for improved photosynthesis in 
bioreactor) 
Flagella properties/possession 
Maximum cell density 
Sheering properties 
Harvesting Auto-flocculation 
Sinking speed 
Foam fractionation properties 
Structure and cell wall properties 
Extraction Lipid extraction efficiency 
 
Under light limiting conditions in outdoor cultivation (e.g. during high cell densities), high growth 
rates of microalgal strains positively affect lipid accumulation. For strains with high growth rates, 
after nutrient deprivation or starvation it can be said that a high biomass basis supports a high lipid 
yield. 
5. Lipid content in microalgae 
Many microalgae are capable of accumulating a large amount of lipids in the cells (Sheehan et al. 
1998). On average, the lipid contents typically range from 10 to 30% of dry weight (Table 3). 
Depending on the specific algae species and their cultivation conditions, however, microalgal lipid 
production may range widely from 2 to 75% (Mata et al. 2010). In some extreme cases, it can reach 
70%–90% of dry weight (Chisti 2007; Li et al. 2008). For instance, the freshwater green alga 
Botryococcus braunii can produce oil (including hydrocarbons) up to 86% of its dry cell weight 
(Brown et al. 1969). This species is being considered as a possible source for biodiesel production 
in the near future (Chisti 2007), but has the major disadvantage of slow growth rates and a low 
tolerance for contamination. As a result, lipid productivities (lipid production per area or volume) of 
other microalgae, such as Nannochloropsis, Chlorella, Tetraselmis and Pavlova sp. are typically 
much higher (Rodolfi 2009; Huerlimann et al. 2010). Lipid productivity can be dramatically 
increased by external application of stress factors and is considered a survival strategy for 
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microalgae under adverse conditions. Most notably these include nutrient deprivation, exposure to 
chemicals, changes in salinity, temperature, pH and/or irradiation (Chisti 2007; Rodolfi et al. 2009, 
Xiao and Wu 2006). The composition of fatty acids-containing lipids differs widely among species, 
but, as mentioned above, generally includes structural unsaturated polar lipids, as well as neutral 
storage lipids, mostly in the form of TAG. Significant fatty acids used for biodiesel include 
saturated fatty acids and polyunsaturated fatty acids (PUFAs) containing 14–18 carbon molecules, 
such as C14:0, C16:0, C16:1, C18:0, C18:1, C18:2, C18:3 fatty acids (Thomas et al. 1984). 
According to European requirements for biodiesel standards, some fatty acids should be excluded 
because of undesirable properties. For instance, methyl linolenate and fatty acid methyl esters with 
more than four double bonds are limited to 12% due to oxidation properties (Knothe 2006). 
Table 3. Examples of lipid contents in some microalgae species (Chisti 2007, Yan and Schenk 
2011). 
Species 
Total lipids 
(% dry weight) 
PUFA 
(% total lipids) 
PUFA 
(% dry weight) 
Isochrysis galbana 25.6 17 4.3 
Nanaochloropsis sp. 5.6 2.8 0.2 
Chaetoceros calcitrans 11.8 8.7 0.9 
Tetreselmis suecica 2.5 20.9 0.2 
Skeletonema costatum 9.7 5.1 0.5 
Phaeodactylum tricornutum  - 30 - 
Porphyridium cruentum 1.5 17.1 0.3 
Crypthecodinium cohnii  20 - - 
Botryococcus braunii 25.0 – 75.0 - - 
Chlorella sp. 10.0 – 48.0 - - 
 
It is expected that microalgae that offer a multiple product portfolio as part of a biorefinery, will be 
most applicable to large-scale commercial cultivation. In a microalgae screening process, besides 
fatty acids with properties relevant for biodiesel production, some high value products such as 
protein-rich biomass, omega-3 fatty acids, sterols, antioxidants, vitamins and pigments should also 
be taken into account. In particular, omega-3 fatty acids from microalgae have received significant 
attention as a high-value add product, as the current sources of fish oil are unsustainable due to 
depleting global fish stocks. A comparison of omega-3 fatty acid contents of different microalgae 
shows that these differ considerably between species (Table 4). 
6. Cultivation and lipid extraction properties of microalgae 
High lipid productivity is not the only factor that should be considered early during strain selection. 
Outdoor cultivation should determine whether the selected microalgae are robust enough to 
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withstand variable local climatic conditions and whether they can dominate a culture. This is 
particularly important for open pond systems where other algae strains, grazers or viruses may 
easily contaminate the culture. For this purpose, many phycologists recommend the use of local 
dominant species, even if their lipid productivity may not be as high as other species (Pulz 2001). 
Table 4. Examples of potential microalgae species for omega-3 production (Yan and Schenk 2011). 
Species 
Eicosapentaenoic acid  
(EPA) 
(% of total fatty acids) 
Docosahexaenoic acid 
(DHA) 
(% of total fatty acids) 
Isochrysis galbana 0.9 - 
Nannochloropsis sp. 30.1 - 
Chaetoceros calcitrans 34 - 
Tetraselmis suecica 6.2 - 
Chaetoceros muelleri 12.8 0.8 
Pavlova salina 19.1 1.5 
Skeletonema costatum 40.7 2.3 
Porphyridium cruentum 30.7 - 
Crypthecodinium cohnii  - 30 
Chroomonas salina 12.9 7.1 
Chaetoceros constriccus 18.8 0.6 
Tetraselmis viridis 6.7 - 
 
Harvesting capability is another important feature of microalgae with biodiesel potential. 
Harvesting or dewatering can be best achieved through settling, flocculation or froth flotation 
(Scholz et al. 2011; Christenson and Sims 2011). For example, many microalgae settle under 
adverse conditions, and this can be tested under small scale conditions (Park et al. 2011). Lipid 
extraction efficiency from microalgae is dependent on residual water content after drying and in 
particular the structure of their cell wall. For example, Nannochloropsis sp. is regarded a highly 
productive microalga with strong potential for large-scale biodiesel production (Pulz 2001), but 
ideally requires pre-treatment to open up the highly rigid cell walls for higher lipid extraction 
efficiency. 
7. Conclusions 
Development of biodiesel production from microalgae presents an important move to address the 
limitations posed by current first generation biodiesel crops. Microalgae, once developed for 
commercial biodiesel production, may offer many economical and environmental advantages. 
Current biodiesel production from microalgae is in the research phase, but is being developed to 
commercial scale in many countries. Finding promising microalgae for commercial cultivation is 
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multi-facetted and challenging because particular microalgae strains have different requirements in 
terms of nutrients intake, environmental and culturing conditions and lipid extraction technology. 
However, diversity of lipid-producing microalgae species is one of the major advantages of this 
group of organisms that is likely to lead to selection of suitable algae crops to achieve algal 
biodiesel production in different regions. A combination of conventional and modern techniques is 
likely the most efficient route from isolation to large-scale cultivation (Figure 2). Careful initial 
analyses and far-sighted selection of microalgae with a view towards downstream processing and 
large-scale production with potential value-add products, is an important prerequisite to domesticate 
and develop algae crops for biodiesel production. 
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CHAPTER 2 
I hypothesized that local microalgal strains will be more dominant and better adapted to grow under 
the local environmental and climatic conditions. The best performing strains will then need to be 
tested for their ability to be cultured and produce lipid. Therefore this chapter aims to develop a 
standardized protocol designed by the author for microalgae cultivation and induction of lipid 
biosynthesis at laboratory scale. Although this protocol will not be able to accommodate optimized 
conditions for each strain, its simulation of a fixed-time cultivation phase followed by a lipid 
induction phase is similar to anticipated large-scale cultivation and will allow direct comparisons 
and initial screening of new microalgal strains. The protocol then is applied to isolate and identify 
indigenous microalgal strains that can produce high amounts of lipids and/or protein from the 
Northern Territory and South East Coast of Queensland.  
Highlights 
 Microalgae can be found in a variety of environments. Isolated strains 
can be used in experiments in the laboratory for growth experiments 
and lipid profiling. Thus screening of strains that produce high amounts 
of lipid, protein and/or other high value products is achievable. 
 A standard protocol is presented that allows the direct comparison of 
microalgal strains for the evaluation of lipid yields. These criteria can 
be used for rapid and cost-effective selection of strains for biodiesel or 
food/feed production. 
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OLEAGINOUS MICROALGAE ISOLATION AND SCREENING FOR LIPID 
PRODUCTIVITY USING A STANDARD PROTOCOL 
Adapted from “Duong VT, Bao B, Schenk PM (2015) Oleaginous microalgae isolation and 
screening for lipid productivity using a standard protocol. IN: Hydrocarbon and Lipid Microbiology 
Protocols. T.J. McGenity, K.N. Timmis, B. Nogales Fernández (eds). Springer Berlin Heidelberg.” 
Abstract 
Microalgae have great potential to serve as a feedstock for biodiesel, based on their high areal 
productivity and their ability to accumulate large amounts of triacylglycerols. In contrary to first 
generation biofuel crops, microalgae do not need to compete with arable land or biodiverse 
landscapes and can be grown in virtually any type of water, including fresh, brackish, saline and 
wastewater. The use of local microalgal strains is desirable, as they are often dominant under the 
local geographical, climatic and ecological conditions. Here we describe a user-friendly method that 
enables the isolation of monoalgal strains, coupled to a standard protocol to evaluate their potential 
for lipid accumulation by directly comparing lipid productivities. Other important criteria to 
consider include the ability to harvest microalgae and extract their oil cost-effectively. 
 
Keywords: Algae isolation; biodiesel; biofuel; lipid productivity; microalgae; TAG; 
triacylglycerols. 
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1. Introduction 
 
Microalgae are widely distributed in varied environments. They can be found in all types of waters 
such as rivers, ponds, estuaries, ocean water and even sea ice. Microalgae are organisms that use 
sunlight and CO2 for their photosynthesis to produce biomass. The growth and distribution of 
microalgae depend on the availability of sunlight and nutrient sources. Microalgae grow more 
abundantly in nutrient-rich environments where they can cause eutrophication. Eutrophication 
phenomena occur in nutrient-rich waters that may lead to negative impacts on living organisms in 
the ecosystems. The cell density of microalgae reaches a peak at optimum nutrient supply before 
others factors, such as light, become limiting. The following decay process by heterotrophic 
organisms (typically bacteria) uses large amounts of oxygen and causes shortage of oxygen content 
for other organisms, especially for aquatic animals. Nevertheless, microalgae that cause blooms are 
opportunistic and fast growing and therefore interesting to achieve high biomass productivities. 
Primary productivity is a parameter used for measuring the abundance of microalgae in the 
environment. Primary productivity is high in nutrient-rich environments, especially in tropical or 
sub-tropical waters and in abundance of solar irradiation. Environments such as coastal rock pools, 
estuaries and rivers that exhibit fluctuating conditions are more likely to harbour opportunistic and 
fast-growing microalgae (Schenk et al. 2008; Duong et al. 2015). These robust microalgae are well 
adapted to extreme conditions and rapid changes. Their ability to survive is enhanced by being able 
to accumulate large amounts of lipids or starch. Thus, the chance of isolating promising fast-
growing strains with the ability to accumulate large amounts of storage lipids from those 
environments is greater (Duong et al. 2012). 
 
Criteria for selecting strains for further analysis 
After obtaining pure microalgal isolates, all strains should go through pre-screening and screening 
steps. Pre-screening criteria cover essential features, such as the use of local strains that display 
rapid growth in the medium of choice, high salinity tolerance, the ability to accumulate large 
amounts of extractable lipids and to be cost-effectively harvested (e.g. by settling; Figure 1). This is 
followed by a direct comparison of the lipid productivity of strains under standard and strain-
optimized conditions. In addition, value-add products from the remaining biomass or the integration 
of other processes (e.g. waste water nutrient removal) can be considered for economic reasons as 
part of a microalgae biorefinery concept (Ahmed et al. 2012). 
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One of the essential criteria for pre-screening is whether the microalgal strains can grow in the 
desired medium, especially for large commercial cultivation. There is a great variety of media that 
can be used to culture microalgae such as F/2 medium (Guillard and Ryther 1962) and Bold’s Basal 
medium (Bischoff and Bold 1963). However, the costs of these commonly used media are much 
higher than commercial fertilizer-grade nutrients (Valenzuela-Espinoza et al. 1999). Thus, it is 
important to preselect species that can grow in the desired medium. This can already be done at the 
start of the procedure by adding fertilizers or desired nutrients into the collected water samples 
(Borowitzka 2013). 
 
Figure 1. Process for screening candidate microalgal strains for biodiesel production. 
 
A further pre-screening step is salinity tolerance. Saline water is the optimum sustainable water 
source for commercial microalgae cultivation as freshwater supply is limited when competing with 
land-based food crops agriculture (Borowitzka & Moheimani 2010). In addition, increased salinity 
level can potentially induce lipid production and increase lipid content of some microalgal species 
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(Sharma et al. 2012). Salinity can be greatly affected by the rate of evaporation and the quality of 
the available water source (Sheehan et al. 1998). As water from cultivation continuously evaporates 
and is typically recycled, its salinity also increases over time. However, not all microalgae can 
tolerate high salt concentrations. Dunaliella salina is one of the extreme halophilic species that can 
even grow in a saturated salinity of 321 ppt (Azachi et al. 2002; Chen & Jiang 2009), whereas 
Haematococcus pluvialis cannot tolerate more than 10 ppt salinity (Borowitzka et al. 1991). 
Salinity level is just above 0 ppt (e.g. 4 ppt) for culturing freshwater species, 15 ppt for culturing 
brackish water species and 35 ppt for culturing marine species. Salinity tolerance can be tested by 
culturing microalgae species at a range of salinities up to 35 ppt or higher.  
Another important criterion when selecting strains is the harvesting method. There are several 
harvesting methods available such as centrifugation, filtration, flotation, flocculation and 
sedimentation. However, some of these techniques are energy consuming and attract high costs 
(Lardon et al. 2009; Mata et al. 2010). Sedimentation is one of the most promising methods with 
low capital cost (Mata et al. 2010; Sharma et al. 2013). It generally requires microalgae to have a 
relatively large cell size, colonial or filamentous morphology and high density in comparing to the 
medium (Borowitzka 1997). The ability of settling can be tested by settling in a conical funnel for 
24 h after cultivation and adjusting the concentration to 1 g L
-1
. The settling rate can be determined 
by measuring the sedimentation of water column height over time (Griffiths et al. 2012). An 
alternative is to induce settling by inducing flocculation or by removing flagella from flagellate 
microalgae (Sharma et al. 2014). 
The ability to accumulate lipids can be tested by using the Nile Red staining protocol shown below. 
After comparing lipid productivities using a standard protocol, suitable species and strains can be 
ranked and further optimized in a strain-specific manner before testing under outdoor conditions. 
Since outdoor environments and conditions are much more complex and difficult to control, it is 
important to test promising microalgal strains to see how they perform under conditions 
encountered in the field (Sheenhan et al. 1998; Borowitzka 2013).  
 
2. Materials 
2.1.  Media for isolation (chemicals provided by Merck).  
2.1.1.  F/2 medium developed by Guillard and Ryther (1963).  
1. NaNO3 stock solution (1 L): NaNO3 75 g 
2. NaH2PO4 stock solution (1 L):  5.0 g 
3. Trace metals stock solution (1 L): Na2EDTA 4.36 g, FeCl3.6H2O 3.15 g,  
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 1 mL of each the five primary metals stocks below (make up five stocks separately): 
CuSO4.5H2O 1.0 g in 100 mL 
ZnSO4.7H2O 2.2 g in 100 mL 
CoCl2.6H2O 1.0 g in 100 mL 
MnCl2.4H2O 1.8 g in 100 mL 
NaMoO4.2H2O 0.63 g in 100 mL 
4. Vitamin stock solution (1 L) (keep covered in foil): Biotin 10.0 mL of 0.1 mg.mL
-1
 
solution, Vitamin B12 1.0 mL of 1.0 mg.mL
-1
 solution, Thiamine HCl 0.2 g 
2.1.2. Bold’s Basal Medium (BBM) developed by Bischoff and Bold (1963) 
1. NaNO3 stock solution (1 L) 25 g 
2. CaCl2.2H2O stock solution (1 L) 2.5 g  
3. MgSO4.7H2O stock solution (1 L) 7.5 g  
4. K2HPO4 stock solution (1 L) 7.5 g  
5. KH2PO4 stock solution (1 L) 17.5 g  
6. NaCl stock solution (1 L) 2.5 g 
7. Alkaline EDTA stock solution (1 L): EDTA anhydrous 50 g, KOH 31 g 
8. Acidified iron stock solution (1 L): FeSO4.7H2O 4.98 g, H2SO4 1.0 mL 
9. Boron stock solution (1 L): H3BO3 11.42 g 
10. Trace metal stock solution (1 L): ZnSO4.7H2O 8.82 g, MnCl2.4H2O 1.44 g, MoO3 0.71 
g, CuSO4.5H2O 1.57 g, Co(NO3)2.6H2O 0.49 g 
2.1.3.  Agar powder  
2.1.4. Nile Red powder: 9-diethylamino-5-benzo[α]phenoxazinone (C20H18N2O2) provided 
by Sigma-Aldrich. Concentration of stock solution in ethanol: 250 µg.mL
-1
 (light sensitive 
and should be kept in foil at 4°C). 
2.1.5. Haemocytometer (e.g. Reichert Bright-line provided by Hausser Scientific)  
 
 
3. Methods  
Microalgae have diameters typically ranging from 2 µm to 50 µm and need to be initially identified 
morphologically under a microscope (See Note 1). Microalgae isolation methods include the use of 
microscopes for micromanipulation, single colony growth on agar plates, serial dilution and/or other 
supporting equipment or procedures such as flow cytometry. 
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3.1. Media preparation 
3.1.1. F/2 medium 
1. 950 mL of filtered seawater (using 0.2 – 0.3 µm filter paper) 
2. Add 1.0 mL of NaNO3 stock solution, 1.0 mL of NaH2PO4 stock solution, 1.0 
mL of trace metals stock solution 
3. Top up to 1 L with filtered seawater 
4. Autoclave at 120°C 20 for min 
5. When the medium cools down to 40°C, add 0.5 mL of vitamin stock solution 
6. Store medium at 4°C 
3.1.2. BBM medium 
1. Prepare 936 mL of distilled water 
2. Add 10 mL of each six major stock solutions 
3. Add 1 mL of alkaline EDTA stock solution 
4. Add 1 mL of acidified iron stock solution  
5. Add 1 mL of boron stock solution 
6. Add 1 mL of trace metal stock solution 
7. Autoclave at 120°C for 20 min 
8. Store medium at 4°C 
3.1.3. Agar medium 
1. Before F/2 or BBM is autoclaved, add 15 g of agar (1.5% w/v). Shake 
lightly. 
2. Autoclave at 120°C for 20 min 
3. Cool down the medium to 40°C (and add 0.5 mL of vitamin stock solution 
for F/2) 
4. Pour about 20 mL of medium to sterilized petri dishes in a laminar flow. 
5. When the agar in dishes cools down, store at 4°C. 
 
3.2. Micromanipulation method 
 
1. Place an inverted microscope and a micromanipulator in a laminar flow cabinet or a clean 
working environment. The micromanipulator can be a specialized instrument or can be simply 
prepared by pulling a micropipette on the flame of a Bunsen burner to a small diameter, 
approximately 3 to 5 times of the diameter of the microalgae to be isolated.  
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2. Prepare growth medium in 96 wells tissue culture (microtiter) plates. 
3. Place separated drops of medium on a slide that is placed on the inverted microscope. 
4. Add a drop of sample containing microalgae to the first drop of medium on the slide. (see 
Note 2) 
5. Attach a micropipette with the micromanipulator or a silicone tube, suck a small amount of 
sterilized distilled water or medium in it. 
6. Under the microscope or on the screen that is connected to the camera of the microscope, 
locate the single cell that needs to be isolated and suck up the single cell to the micropipette. 
7. Transfer the single cell to a well of a 96 wells tissue culture plate by blowing out. 
8. If two or more cells are sucked up to the micropipette, transfer cells to the second drop of the 
slide and try to suck up a single cell and transfer it to a well. Repeat this step until you obtain 
a single cell. 
9. When finished, wrap the plate with parafilm tape to prevent drying of the medium and place it 
in a culture room under light exposure from 120 to 200 µmol photons m-2s-1. 
10. After 2 weeks, the culture can be observed under the microscope to check the growth and 
contamination. 
 
3.3. Streaking on agar plates 
 
1. Pour 1.5% agar medium to Petri dishes till half or two third full. 
2. Lift the lid of the plate up slightly, just allowing enough space for putting a swab into the 
plate without risking contamination from the air. 
3. Drop a small volume (e.g. approx. 100 µL) of the sample containing microalgae collected 
from the environment to one side of the plate. Use a sterile loop to streak the sample in a 
zigzag mode.  
4. Sterilize the loop and hold it to cool down for a while. Streak another time in a different 
angle. (See Note 3) 
5. Repeat the above step three or four times. 
6. Cover the lid, seal the plate, label the sample and incubate the plate in an inverted position at 
the appropriate temperature (e.g. room temperature) in the light from 120 to 200 µmol 
photons m
-2
s
-1
 . 
7. Check for the growth of colonies in two weeks under a microscope. 
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3.4. Serial dilution  
1. Dispense 9 mL of sterilized medium into each sterile tube. 
2. Add 1 mL of the sample to the first tube. Mix well. Transfer 1 mL of the mix to the second 
tube. Repeat this step for the remaining tubes.  
3. Incubate tubes at the appropriate temperature for two weeks at light exposure from 120 to 200 
µmol photons m-2s-1. Check the monoalgal culture under a microscope. A monoalgal culture is 
usually obtained from dilution tubes 10
-6
 to tubes 10
-10
. The method can also be carried out in 
microtiter plates with much smaller volumes.  
 
3.5. Nile red staining  
1. Add 3 μL of 250 μg mL-1 Nile red stock solution to 1 mL of samples and keep in foil. 
2. The staining process takes around 20 to 30 min and can be applied to microalgal strains by 
using 96 well plates 
3. Measure fluorescent intensity on a fluorescence plate reader with an excitation wavelength 
of 530 nm and an emission wavelength of 575 nm (Chen et al. 2009; Lim et al. 2014). 
Measurement of fluorescence intensity for Nile red strained microalgae can be determined 
by flow cytometry (Sharma et al. 2014) whereas the lipid droplets in microalgal cells can be 
observed under a fluorescence microscope as shown in Figure 2 (Duong et al. 2012). (See 
Note 4) 
 
3.6. Cell sorting by flow cytometry  
1. Prepare two separate samples: one Nile red stained tube and the other unstained tube. The 
stained sample is used to determine lipid content in microalgae and the unstained sample is 
used for sorting the high lipid content cells. 
2. Turn on a flow cytometer. The analysis procedures depend on the particular instrument. 
However, the parameters should be controlled as follows: emission excitation intensity at 
570 ± 25 nm (Elsey et al. 2007, María et al. 2011), pressure 31.4 – 31.5 psi , flow rate 
15,000 to 20,000 cells s
-1 
(María et al. 2011) 
3. Cells are sorted to 96 wells plates containing 200 µL of culture medium per well. After 
sorting, the plate is labelled and cells are grown in a growth cabinet with light exposure of 
120 to 200 µmol photons m-2s-1 (See Note 5). 
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3.7. Growth testing (Standard protocol) 
3.7.1. Inoculation 
1. Add 1 mL of master culture to 150 mL medium in 250 mL flasks (See Note 6) 
2. Connect flasks with a 1% CO2 supply system (optional; see Note 7) 
3. Grow microalgae in light intensity of 120 – 200 µmol photons m-2s-1 over 4 to 5 
days (See Note 8) 
3.7.2. Growth experiment (See Note 6) 
1. Add 5 mL of inoculated culture to 150 mL medium in 250 mL flasks 
2. Connect flasks with a CO2 supply system 
3. Grow in light intensity of 120 – 200 µmol photons m-2s-1 
4. Collect sample every 2 days to count cell density. Cell counting is conducted by 
using a haemocytometer. 
5. Growth rate is calculated by the equation below (Levasseur et al. 1993). (See 
Note 9) 
𝐾′ =  
𝑙𝑛
𝑁2
𝑁1
𝑡2 − 𝑡1
 
 
Where N1 and N2 = biomass at time 1 (t1) and time 2 (t2), respectively. 
Doubling time can also be calculated once the specific growth rate is known.  
 
𝐷𝑜𝑢𝑏𝑙𝑖𝑛𝑔 𝑡𝑖𝑚𝑒 =  
𝑙𝑛2
𝐾′
 
3.8. Starvation 
1.  After a fixed time of growth (early stationary phase), nutrients are depleted (removed 
by medium change with nitrogen- and phosphorus-free medium) 
2.   Incubate cultures for 3 more days in the light to induce lipid accumulation.  
3.  Collect samples for lipid analysis under GC/MS. The amount of biomass used for 
lipid analysis should be 10 mg dry weight (See Note 10 and 11). 
 
4. Notes 
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1. It is very difficult to make axenic algal culture and most cultures are non-axenic with the 
presence of some bacteria. However, contamination from other eukaryotic microorganisms 
should be avoided during the isolation process and the final culture should be monoalgal.  
2. Micromanipulation is the conventional method of choice that is still very popular for 
microalgae isolation. The method was initially used by Bakoss in 1970 for cloning single 
cells of leptospires. Then, Sherman in 1973 used a mechanical micromanipulator to separate 
spires from a yeast ascus cluster. The use of micromanipulation for microorganism isolation 
is reliable and has been greatly improved. Microalgae can be examined under the 
microscope at 400x to 1000x magnifications. An inverted microscope that is connected to a 
camera can greatly support visualization of the cell to be handled. Moreover, commercial 
micromanipulators are equipped with a pressure device to support picking up single cells 
more precisely. Normally, microalgae samples collected from natural environments contain 
a wide range of organisms including zooplankton, phytoplankton, bacteria and other 
microorganisms. Samples of seawater may need to be concentrated by filtration before 
isolation because of the low density of microalgae cells in the water. Thus, based on the 
nature of samples, concentration and filtration can be applied to enable the efficient use of a 
micromanipulator.   
 
3. Streaking on agar plates is a popular method used in microorganism research to obtain 
single cell-derived colonies. This method can potentially obtain individual cells from the 
sample. Single cells from the sample can be separated on agar surface and grow up to 
colonies. Streaking patterns can be as simple as zigzag for low density samples or more 
complex as the 3 streak quadrant for high density samples. The plate method requires a 
sterile or sanitized environment near the flame of a Bunsen burner. Streaking requires 
delicate skills to make sure that cells are not damaged. A good streaking plate is where 
single cells are separated and grow up to a separated colony. However, it should be noted 
that the majority of microalgal strains do not grow on standard agar plates or grow very 
slowly. 
 
4. Microalgae produce triacylglycerides (TAG) as storage lipid in cells. Lipid extraction 
requires separation of the remaining biomass from oil for quantification (Hu et al. 2008). 
Conventional microalgae lipid extraction methods are widely based on solvent extraction 
and gravimetric determination (Bligh and Dyer 1959). From the current study of microalgae 
lipid extraction, different methods of lipid extraction have been developed by using different 
catalysts to enhance extraction efficiency such as using different solvents, sonication, direct 
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saponification and supercritical CO2 extraction (Li et al. 2014). Fatty acids are determined 
by gas chromatography/mass spectroscopy (GC/MS) to profile suitable fatty acids 
components for biodiesel production. Lipid extraction and profiling are time-consuming and 
cost-ineffective. Preliminary screening of lipid producing microalgae is the first step to 
determine lipid quantification of microalgae. Nile red is a lipid soluble fluorescence dye and 
has been used to stain triacylglycerols in animal and microbial cells (Chen et al. 2009).The 
efficiency of Nile red straining depends on the varied structure and thickness of the cell wall 
and the cytoplasmic membrane of microalgae. Chen et al. (2009) further developed the Nile 
red staining method by optimizing the binding ability of the dye to intracellular neutral and 
polar lipids using different staining conditions such as Nile red concentration, temperature, 
staining time, the solvent dimethyl sulfoxide (DMSO) and cell concentration. The results 
showed that the best staining efficiency was obtained at a staining condition of 0.5 µg mL-1 
of Nile red dye at 40°C for 10 mins, a DMSO concentration of 25% (v/v) and cell 
concentrations ranging from 5x10
4
 to 4x10
5
 cells mL
− 1
 (Chen et al. 2009). 
 
  
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 2.  Navicula tripunctata, Cyclotella striata and Chaetoceros sp. before (A,C and E, 
respectively) and after Nile red staining (B, D and F, respectively) under a fluorescence microscope. 
Yellow droplets show TAGs in lipid bodies and red shows autofluorescence from chlorophyll. 
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5. Along with conventional isolation methods described above, an automated single cell 
isolation method is developed and nowadays widely used for cell sorting known as flow 
cytometry. The procedure many vary depending on particular flow cytometry producer. 
However, the principle of this method is based on different channels of light scatter angles 
and fluorescence intensities that allow the distinction of different clusters of cells and other 
heterogeneous particles (Pereira et al. 2011). Flow cytometry has been successfully used for 
single cell isolation of microalgae from waters with many different microalgal strains 
(Duong et al. 2012). The method cannot easily be used for fragile microalgae, such as 
dinoflagellates, as damage to single cells can easily occur (Sinigalliano et al. 2009). 
However, pressure adjustment can minimize the impact of cell damage on microalgae during 
cell sorting. 
6.   Growth testing of microalgae is important for screening potential strains for biofuel 
production. Growth rates of each microalgal strain are different and change based on 
changes of environmental conditions, especially the availability of nutrients in the culture. 
Nitrogen and phosphorus are the main nutrients for microalgae cultivation. The 
concentrations of those compounds in the medium vary from 1500 µM to 3000 µM and 100 
µM to 200 µM for nitrogen and phosphorus, respectively. The ideal final ratio of N:P for the 
best growth of microalgae is considered 30:5 (Rhee 1978; Stelzer and Lamberti 2001). 
Mineral compounds are also necessary to add to the medium for the growth of microalgae. 
Apart from trace elements, potassium is required in relatively large amounts and diatom 
cultivation requires silica as the main chemical source for cell wall construction. The growth 
of microalgae can be visualized by a growth curve that goes through different phases, 
starting with the lag phase, followed by an exponential growth phase, a declining or 
stationary growth phase, and a death phase. For the production of biodiesel from microalgae, 
the exponential and stationary phases are important because they are related to biomass and 
lipid productivity. The duration of the exponential phase depends on the health of the 
microalgae, their growth rate, the size of the inoculum, culturing conditions and the capacity 
of the medium and growth vessel.  
7.  CO2 is needed for microalgae growth and supplying of CO2 will promote growth. However, 
depending on specific circumstances, CO2 supply (e.g. from a gas bottle or flue gas) is not 
necessary because microalgae can assimilate CO2 from the environment.  
8. It is important that the microalgae culture used for inoculation before performing the growth 
test is healthy and recently grown. Microalgae used for the inoculation culture are collected 
from master cultures. The inoculation culture also requires nutrient-rich medium that 
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promotes growth to reach the exponential phase. This is an important step to ensure that 
microalgae transit from inactive stage from the master culture to the active stage in growth 
experiments. 
9. Growth rate is a parameter that is used to assess the growth capacity of individual microalgae 
strains. Cell counting or cell concentration measurements between the first and last day of 
the steep exponential phase is necessary for identifying maximal growth rate. Table 1 shows 
some examples of typical microalgal growth rates and lipid contents reported in the 
literature.  
 
Table 1. Growth rate and total lipid content of some microalgal strains 
 
Species 
Growth rate 
(day
-1
) 
Lipid content 
(% dry weight 
biomass) 
References 
Achnanthes sp. 0.99 44.5 (Doan et al. 2011) 
Botryococcus braunii - 25.0 – 75.0 (Mata et al. 2010) 
Chaetoceros muelleri - 33.6 (Mata et al. 2010) 
Chaetoceros sp. 0.87 16.3 (Doan et al. 2011) 
Chaetoceros sp. 0.74 13.1 (Renaud et al. 2002) 
Cryptomonas sp. 0.33 21.4 (Renaud et al. 2002) 
Isochrysis sp. 0.81 20.7 (Renaud et al. 2002) 
Nannochloris sp. - 20.0 – 35.0 (Chisti 2007) 
Nannochloropsis sp. 0.62 42.4 (Doan et al. 2011) 
Rhodomonas sp. 0.35 12 (Renaud et al. 2002) 
Skeletonema costatum 0.95 9.5 (Doan et al. 2011) 
 
10.  Starvation of microalgae in stationary phase is known as a period of lipid accumulation in 
microalgal cells (Adarme-Vega et al. 2012; Lim et al. 2012). Nutrient and light availability 
plays a crucial role for the growth of microalgae. Light or nutrient starvation start at the 
early stationary phase of the microalgal growth lifecycle. Under nutrient shortage conditions 
but in the presence of light, the biochemical compounds produced by photosynthesis are 
stored as starch or fatty acid in the form of TAGs as energy reserves under these adverse 
conditions (Sharma et al. 2012). Nutrient starvation for lipid induction in microalgae is 
widely used for biofuel production in many microalgal strains but other stresses may also 
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lead to cellular TAG accumulation (Sharma et al. 2012). Table 2 below shows examples of 
the increase of lipid contents under nutrient starvation stress. 
 
Table 2.   Increase of microalgal lipid contents under conditions of nutrient shortage (Sharma et al. 
2012) 
Microalgal species  Nutrient stress 
Changes in lipid profile after 
induction 
Chlamydomonas 
reinhardtii, 
Nitrogen limitation Increase in total lipids 
Scenedesmus subspicatus Nitrogen limitation Increase in total lipids 
Nannochloropsis oculata Nitrogen limitation Total lipid increased by 15.31% 
Chlorella vulgaris Nitrogen limitation Total lipid increased by 16.41% 
Phaeodactylum tricornutum Nitrogen limitation TAG levels increased from 69 to 
75% 
Dunaliella tertiolecta Nitrogen limitation Five times increase in lipid 
fluorescence 
Scenedesmus sp Nitrogen and 
phosphorus starvation 
Lipids increased 30% and 53%, 
respectively 
Chlorella kessleri Phosphorus limitation Increase in unsaturated FAs 
Chlamydomonas reinhardtii Sulphur limitation TAG was increased by 2-fold 
Cyclotella cryptica Silicon starvation Increased in total lipids from 
27.6% to 54.1% 
 
11.  While biomass growth and lipid accumulation are both important, it is the lipid 
productivity (amount of lipid per day and cultivation volume or area) that matters the most. 
A standard protocol has therefore been developed that first inoculates a pre-culture from 
the master cultures before this saturated culture is used to start the standard growth 
experiment. The experiment is carried out for several microalgal strains in parallel using a 
minimum of three biological replicates (separately inoculated cultures). The method is 
described in detail by Lim et al. (2012) and Figure 3 shows a schematic overview. After 
selecting potential candidate microalgal strains, these then need to undergo further 
evaluation under outdoor conditions and after careful individual optimization for each 
strain (Figure 1). Finally larger-scale production needs to be tested where cultivation, 
harvesting and oil extraction are taken into consideration.  
 
35 
 
 
Figure 3. Standard protocol for growth testing of microalgae for biofuel production (for details see 
Lim et al. 2012). 
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CHAPTER 3 
 
Microalgae have a distribution over a large variety of environments. Availability of nutrients as 
well as environmental factors affect directly the growth and adaptation of microalgae in their 
habitats. As mentioned in the literature review, the selection of microalgae for the development as a 
feedstock for biodiesel and high-value products should give high priority to local strains that have 
adapted to their environments. I hypothesized that microalgae living under highly variable 
environmental conditions can produce more chemical energy storage compounds, such as lipid, to 
enable better survival under adverse abiotic factors. Thus, in this chapter, first I demonstrated 
experimentally that high-lipid containing microalgae possess better survival capabilities. The study 
then focused on some favourable and unfavourable environmental conditions that may affect the 
lipid accumulation of microalgae and I investigated biodiversity changes of microalgal classes over 
several months. The purpose of this research was to gain a better understanding on the influence of 
various aquatic tidal environments on the lipid accumulation potential of microalgae.   
Highlights: 
 Microalgae have an ability to adapt to fluctuating environments, such 
as tidal changes in rivers, mangrove forests and coastal rock pools. 
 Microalgae from high-lipid containing microalgal populations were 
demonstrated experimentally to possess higher survival capability 
under adverse conditions. 
 Cellular microalgal lipids accumulated more under harsh 
environmental conditions, such as high salinity, high temperature, 
and/or low nutrients. The identified microalgae are likely to be more 
opportunistic and fast-growing with a strong ability to survive adverse 
conditions by being able to accumulate large amounts of lipids. 
 Microalgae diversity changed depending on changes of environmental 
conditions. Extreme conditions that can be found especially in coastal 
rock pools may harbor a lower biodiversity of aquatic 
microorganisms than the other environments examined. 
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EFFECTS OF ENVIRONMENTAL FACTORS ON DIVERSITY AND LIPID 
ACCUMULATION OF MICROALGAE IN WATERS OF SOUTH EAST QUEENSLAND - 
AUSTRALIA 
Abstract  
Microalgae play important ecological roles as primary producers in both aquatic and terrestrial 
ecosystems but are also considered as a sustainable source of food and fuel for the future. 
Identification and selection of microalgae for biofuel, especially local strains that produce large 
amounts of lipids are priority activities to develop large-scale cultivation. Although microalgae are 
abundant in a wide variety of environments, isolation of high lipid-producing strains requires much 
time, costs and labour. I hypothesized that lipid producing microalgae survive better adverse 
environmental conditions and these conditions may also stimulate the production of chemical 
storage compounds, such as starch and lipids. To test this under controlled laboratory conditions, 
populations of two known oleaginous microalgal strains, Tetraselmis sp. M8 and Chlorella sp. BR2 
were divided into high-lipid and low-lipid containing cells using cell sorting by flow cytometry. 
This confirmed that high-lipid containing microalgae had better survival capability under nutrient-
deprived conditions. Using flow cytometry and 18S rRNA amplicon pyrosequencing from mixed 
microalgal populations from natural environment, I found that microalgal diversity was highest 
under favourable environmental conditions, such as a nutrient-rich river (Brisbane River) and a 
mangrove forest (Wellington Point) close to a nutrient-rich creek, rather than rock pools 
(Mooloolaba beach) that were subjected to extreme temperature, salinity and nutrient fluctuations. 
Changes of microalgal class composition and diversity were found between March and June 2013 
for all sites. Fluorescence intensity directly measured on environmental samples by flow cytometry 
showed that lipid accumulation in aquatic microorganisms in rock pool samples was up to 60 times 
higher than for other sites. I concluded that highly variable and extreme conditions that can be 
found in coastal rock pools may harbor a lower biodiversity of aquatic microorganisms but that the 
microalgae that are found maybe more opportunistic and fast-growing with a strong ability to 
survive adverse conditions by being able to accumulate large amounts of lipids. These are traits that 
are highly desirable for microalgal strains used in commercial production.   
Key words: Flow cytometry; microalgae; Nile red staining; lipid biosynthesis, amplicon 
pyrosequencing; rock pool; water quality. 
 1. Introduction  
Microalgae are microorganisms that use sunlight, water and carbon dioxide for photosynthesis 
(Chisti 2007; Converti et al. 2009; Salama et al. 2013). Availability of carbon dioxide and nutrient 
sources such as nitrogen and phosphorous as well as a range of environmental conditions leads to a 
diversity of microalgae. For instance, the diversity of microalgae in long-term nutrient-rich or 
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favourable conditions is higher than in adverse environments that may be low in nutrients, are 
exposed to too much or too little light or have extreme temperatures, salinities or pH (Lim et al. 
2012; Duong et al. 2012). 
Under unfavourable conditions, adaptation of microalgae requires a variety of metabolic activities 
to change their physiological state and physical structure (Salama et al. 2013). Some results from 
previous research show that disadvantageous conditions induced in the laboratory stimulate the 
accumulation of biochemical compounds such as starch, protein and lipids. These primary 
metabolites, together with other stored compounds, such as polyphosphate bodies and pigments 
(e.g. carotenoids) are believed to significantly increase microalgae’s survival capability under 
adverse conditions (Schenk et al. 2008). 
The use of microalgae for human consumption dates back thousands of years, beginning as a 
component of the diet by American and African natives where Nostoc, Spirulina, and 
Aphanizomenon were consumed as a source of protein (Jensen et al. 2001).  Active cultivation of 
microalgae was developed during the last century by German scientists in an attempt to provide a 
protein source during World War II (Soeder 1986), followed by Japanese researchers who in the 
1950’s and 60’s, pioneered the process of large-scale commercial production using Chlorella 
(Burlew 1976). Since that time, commercial production of microalgae has reached ~5000 dry tonnes 
per year in 2005 and 10,000 dry tonnes in 2008 (Benemann 2008).  The current uses of microalgae 
biomass include health foods, food additives, pigments, feed for aquaculture species, growth-
regulating agents, secondary metabolites and nutrient remediation in wastewater treatment systems 
(Borowitzka 1997; Yamaguchi 1996). Additionally, the oil crisis of the 1970’s led researchers to 
investigate microalgae’s potential for use as a biofuel substitute for fossil fuel (Sheehan et al. 1998), 
which laid the groundwork for active research that continues today and has resulted in several 
companies offering the use of algae oil as a fuel in limited quantities. Plant-derived oil for fuel is 
commercially produced from a variety of sources, such as palm oil, canola and soybeans. 
Microalgae are considered a promising feedstock for the production of biodiesel or as a high protein 
supplement because of some remarkable benefits, including high areal productivities and their 
cultivation that does not need to rely on arable land or freshwater sources (Chisti 2007; Duong et al. 
2012).  
The use of autochthonous microalgae strains from natural domestic or local waters for commercial 
production is considered to very important in terms of ecological security, robustness, adaptation 
ability and stable production (Lim et al. 2012; Duong et al. 2012). Research procedures for the 
purpose of developing microalgae as feedstock for biodiesel production are time-consuming, 
including the steps of strain collection in local environments, identification and classification, 
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growth tests and lipid productivity screening followed by fatty acid profiling (Duong et al. 2012). 
The conventional methods for lipid determination used in previous research typically involve the 
Bligh and Dyer lipid extraction method (Li et al. 2014). Screening of lipid-producing microalgae is 
best applied to a large number of isolated strains and is both, time and labour intensive (Chen et al. 
2009). Fluorescence-activated cell sorting (FACS) analysis is a high-throughput technique that has 
been used for microalgae isolation (Davey and Kell 1996). Application of FACS on screening for 
lipid-producing microalgal strains has been effective and also has potential applications to 
ecological research (Reckermann 2000). This method is very sufficient for quick assessment of lipid 
contents based on fluorescence scatter of Nile red-stained cells (Chen et al. 2009; Doan et al. 2011).  
Microalgae provide natural bioindicators that reflect the state of ecosystems (Bellinger 2010). 
Diversity assessment of microalgae in natural habitats is also one of the criteria that can be used for 
microalgae screening and selection of microalgae that produce desirable compounds. In the past, 
microalgae were traditionally identified by morphological observations and pigment profiles 
(Ebenezer 2012). Molecular technology has been applied in phycology research from the 1970s and 
has recently been developed based on the availability and increasing affordability of new high-
throughput sequencing technologies (Ebenezer 2012). For example, pyrotag amplicon sequencing  
of 16S or 18S ribosomal DNA from environmental samples is a recent technique that can reveal 
high levels of biodiversity, community composition and lineages relationships in prokaryotic and 
eukaryotic cells, respectively (Santoferrara et al. 2014). In the present study, microbial samples 
were collected from three different environmental locations in South East Queensland, Australia, 
that are each subjected to tidal influences. Water quality was monitored along with diversity 
profiles and lipid accumulation capacity in these habitats to better understand microbial 
composition and diversity with a focus on microalgae. 
2. Materials and Methods 
Environmental monitoring and sample collection were conducted in three sites exposed to marine 
tides in South East Queensland, including  the Brisbane River (27° 29’ 29.54” S, 153° 00’ 44.61” E) 
containing brackish water, Wellington Point (27° 29’28.07” S, 153° 14’ 55.53” E) a mangrove-
populated area in the Moreton Bay and Mooloolaba (26° 40’26.61” S, 153° 06’53.00” E) with rock 
pools on the Sunshine Coast. Water quality was measured at high tide in the Brisbane River to get 
maximum exposure to marine phytoplankton and at low tides in Wellington Point and Mooloolaba 
to access mangrove sites and tidal rock pools, respectively. The samples were collected five times 
during different seasons of the year, including August 2012, November 2012, January 2013, March 
2013 and June 2013. Standard methods for water collection were followed as described for the 
examination of water and wastewater (Franson and Eaton 2005). 
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2.1. Survival assay of microalgae in nutrient-free environment 
Chlorella sp. BR2 and Tetraselmis sp. M8 strains have been described previously as fast-growing 
oleaginous microalgae (Lim et al. 2012). Both strains were obtained from the Queensland 
Microalgae Collection of the University of Queensland and cultured to stationary phases. Cells were 
then stained by Nile red dye. Microalgal cells with high and low triacylglyceride contents were 
separated by flow cytometry as described previously (Sharma et al. 2014). After cell sorting, 
populations of 5000 “fat cells” or “thin cells” were separated and maintained in nutrient-free 
distilled water in 24-well transparent microtiter plates in the light (120 μmol photons m-2s-1) at 
25ºC. Live cells were calculated based on serial dilution down to 1 cell per well in 96 cells plates at 
different times after the experiment to monitor survival. After 3 weeks, the survival rate was 
determined based on positive green wells in the serial dilutions. 
2.2. Physical parameter measurements 
Measurements of physical parameters such as temperature, pH, salinity, and turbidity were based on 
quick tests at the field. Salinity and temperature meters were used for salinity and temperature 
measurements. Aquacheck strips were used for pH measurement and a YSI 9500 photometer was 
used for turbidity measurement. 
2.3. Chlorophyll a analysis 
The chlorophyll a analysis method was followed as per the Standard methods for the examination 
of water and wastewater (Franson and Eaton 2005). The method can be briefly described as follows: 
Water samples were filtered with glass microfiber filters with a pore size of 1.3 µm (Whatman). The 
filters were then kept in cabbed glass tubes and 5 mL of 90% (v/v) acetone was added, then samples 
were mixed well and kept at 4°C overnight. The samples were then centrifuged at 8000 x g for 5 
min and the supernatant was used for analysis. The supernatant was measured with a 
spectrophotometer at three different wavelengths, including 630 nm, 647 nm and 664 nm. The 
calculation of chlorophyll a in the extract followed the equation 
Chla (mg L
-1
) = 11.85 (Å664) – 1.54 (Å647) – 0.08 (Å630) 
The calculation of the amount of pigment per unit volume was carried out as follows 
Chlorophyll 𝑎 (
mg
m3
) =
Ca x extract volume (L)
Volume of sample (m3)
 
2.4. Nutrient analysis 
Measurement of nitrate and phosphate contents was conducted using an API kit provided by 
Aquarium Pharmaceutical and measured colorimetrically by using a spectrophotometer at 545 nm 
and 690 nm wavelengths for nitrate and phosphate, respectively, as described previously (Lim et al. 
2012).   
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2.5. Pyrosequencing 
Environmental samples contained 5 L water samples. Water samples were filtered with Millipore 
filters of 0.45 µm pore size using sterilisation conditions. DNA extraction was conducted on the 
filter cake following the Power Soil DNA Isolation Kit provided by MOBIO laboratories, Inc. After 
extraction, genomic DNA was further purified by using the One Step PCR Inhibitor Removal Kit of 
ZYMO Research. For sequencing preparation, 10 μL of purified DNA sample at a concentration of 
10 ng μL-1 was added to a 1.5 mL tube and sent to the Australian Genome Research Facility 
(AGRF) for diversity profiling analysis. The analysis of species diversity composition in high-
throughput amplicon sequencing data was carried out using the Quantitative Insights Into Microbial 
Ecology (QIIME) software package version 1.6 for data analysis. 
2.6. Fluorescence-activated cell sorting (FACS) analysis 
Within 24 h of collection, 1 L of water sample was filtered through 1.3 µm glass microfiber filters 
(Whatman). The filters were transferred to 15 mL Falcon tubes with 10 mL water and mixed well. 
Microalgae from water samples were then stained with Nile red (9-diethylamino-5-benzo[α] 
phenoxazinone; Sigma) by adding 120 μL of 250 μg mL-1 Nile red stock solution to 10 mL of water 
samples. The samples were then mixed well and kept in the dark for 20 min for FACS analysis. 
FACS was analysed on a BD FACS Aria I cytometer with a 100 micron nozzle at 28 psi and FACS 
Diva software v 6.1.3 was used for data analysis with assistance of the Queensland Brain Institute at 
The University of Queensland, Australia. 
2.7. Statistical analysis 
Data for environmental quality, flow cytometry and pyrosequencing was statistically analysed by 
one-way analysis of variance (ANOVA).  Data of environmental quality are mean values (± SD) 
from three measurements. 
3. Results and discussion 
3.1. Survival rate assessment of Chlorella sp. BR2 and Tetraselmis M8 under nutrient 
starvation stress 
In a population, there is a variety of cells in terms of size and vigour. It should be considered that 
the lipid accumulation ability of cells is likely to also be linked to age, cell wall thickness and other 
factors that may also influence vigour and survival rate. While this could not be examined in detail 
in the present study, lipid contents of microalgal cells may serve as a suitable indicator of the 
adaptability and survival of microalgae in their environments. 
An assay was developed to assess the survival ability of high-lipid containing microalgal cells (“fat” 
cells) and low lipid-containing cells (“thin” cells) under limitation of nutrients. After fat cells and 
thin cells were sorted by flow cytometry (Figure 1), initial survival rates of fat cells was higher than 
of thin cells at 41.67 % and 33.33%, respectively, for Chlorella sp. BR2, and 66.67% and 33.33%, 
respectively, for Tetraselmis sp. M8 (Figure 2). There were further decreases of surviving cells 
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numbers observed during day 1, 2, 4 and 8 of the experiment. At the last day of the experiments, 
survival cells for both strains were below 1%. However, during the previous days, survival rates of 
fat cells were always higher than the thin cells. Especially at day 4, the survival ratio of fat cells to 
thin cells was highest at 9.7 for Chlorella sp. BR2 and 9.0 for Tetraselmis sp. M8 (Figure 2). The 
result confirmed the hypothesis that fat cells containing higher lipid content can survive much better 
than thin cells under adverse conditions. Lipid production was first stimulated during starvation of 
the cells and was then ultilised for survival during the suffering of harsh conditions. 
 
Figure 1. Separation of high-lipid containing microalgal cells (green area) and low lipid-containing 
cells (red area) of Chlorella sp. BR2 (left) and Tetraselmis sp. M8 (right) sorted by flow cytometry. 
Similarly, death rates of fat cells were always lower than thin cells for both strains at day 1, day 2, 
day 4 and day 8 of the experiment. Death rates of fat cells were observed at highest values of 1.2 
and 0.8 on day 2 and then decreased slightly to 0.8 and 0.6 on day 8 for Chlorella sp. BR2 and 
Tetraselmis sp. M8, respectively. However, death rates of thin cells were highest on day 2 and day 4 
of 1.6 for Chlorella sp. BR2 and at day 4 of 1.0 for Tetraselmis sp. M8. For both strains, death rates 
of thin cells were always higher than the death rates of fat cells (Table 1). 
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Figure 2. Survival of high-lipid containing “fat” cells and low-lipid containing “thin” cells of 
Chlorella sp. BR2 (A) and Tetraselmis sp. M8 (B). Data represent mean ± SE from three 
independent replicates. 
Table 1. Survival ratio of fat cells and thin cells (n), death rates of fat cells and thin cells (Df and 
Dt, respectively) occurring after 1, 2, 4 and 8 days of nutrient deprivation for Chlorella sp. BR2 and 
Tetraselmis sp. M8 determined from data in Figure 2. Data represent mean from three independent 
replicates.  
Time 
Chlorella sp. BR2 Tetraselmis sp. M8 
n Df Dt n Df Dt 
Day 1 2.5 0.7 1.4 1.6 0.7 0.5 
Day 2 2.9 1.2 1.6 1.5 0.8 0.7 
Day 4 9.7 1.0 1.6 9.0 0.6 1.0 
Day 8 4.0 0.8 1.0 4.4 0.6 0.7 
3.2. Environmental monitoring of three microalgae-harbouring sites subjected to marine tides  
To examine the influence of environmental parameters to microalgae populations and their ability to 
accumulate lipids, three very diverse sites were chosen in South East Queensland, Australia, that are 
subjected to marine tides. These include a river 30 km inland with brackish water (Brisbane River), 
a mangrove forest in protected coastal waters (Wellington Point) and a coastal rock pool 
(Mooloolaba). Water quality in the Brisbane River was affected by precipitation and water run-off 
from the surrounding catchment area as well as tidal influences carrying marine water. 
Temperatures ranged from 17°C in the winter season to 29°C during summer. The pH value 
fluctuated slightly from 7.4 to 8.4. Salinity and turbidity were affected by precipitation and tidal 
changes. Although all measurements were carried out at high tides, salinity fluctuated and was 
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lowest in March 2013 at 15‰ and highest at 27‰ in November 2012 and January 2013. Microalgae 
loads were determined by chlorophyll a concentrations in the water. Microalgae growth typically 
depends on the availability of nutrients in the Brisbane River (O'Donohue 2000) and this depends 
strongly on the nutrient run-off from its catchment area. Chlorophyll a fluctuated over the sample 
collections and ranged from 1.6 µg L
-1
 to 3.2 µg L
-1
. Nutrient concentrations in the Brisbane River 
were higher in March 2013 and June 2013. In the other samples, phosphate concentrations were 
very low, ranging from 0.4 μM to 0.9 μM and nitrate ranged varied from 7.0 μM to 9.6 μM (Figure 
3). 
The condition of water samples collected from the mangrove forest in Wellington Point slightly 
changed over the different collection time points. Temperatures ranged from 14°C in June to 29°C 
in November 2012. The pH value varied from 7.2 to 7.8. Salinity at this site was under the influence 
of river water intake and currents within the Moreton Bay, and was lowest in March 2013 at 25‰ 
and highest in November 2012 at 37‰. Turbidity of the water was high, ranging from 36 FTU to 
125 FTU.  The nitrate concentration was highest in November 2012 and lowest in March 2013. 
Chlorophyll a concentration was highest in November 2012 and lowest in June 2013 at values of 
9.6 µg L
-1
 and 1.86 µg L
-1
, respectively. As expected, the high chlorophyll a (and microalgae) 
concentration was accompanied by relatively high nitrogen concentrations in the water (Figure 3). 
In the rock pools on Mooloolaba beach, water quality was strongly affected by tides, wave action, 
temperature and precipitation. Environmental conditions can rapidly change for this extreme site 
and are expected to cause stress shocks to the growth of microorganisms. The temperature was 
much higher compared to the two other sites, ranging from 19°C to 37°C. The pH ranged from 8.2 
to 8.4 and the salinity fluctuated from 35‰ to up to 55‰. Nitrate concentrations changed 
dramatically from 0.03 μM to 8.4 μM and phosphate concentrations ranged from 0.05 μM to 0.3 
μM. Chlorophyll a concentrations changed from 0.56 µg L-1 in August 2012 to 6.6 µg L-1 in 
January 2013. Interestingly, microalgae are able to survive and grow at the high salinity 
concentrations, high temperature and low nutrient conditions (Figure 3).   
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Figure 3. Environmental measurements of water samples collected in a brackish river (Brisbane 
River), mangrove forest (Wellington Point) and coastal rock pool (Mooloolaba) from August 2012 
until June 2013. Shown are mean values (± SD) from three measurements. 
3.3. Microalgae diversity profiling of environmental samples 
To understand how microalgal populations fluctuate in the three sites, purified DNA of 
environmental samples collected in March 2013 were used for diversity profiling of the microbial 
eukaryotic communities by amplicon sequencing.  On average, 7540, 7827 and 6455 sequences 
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were obtained for Brisbane River, Wellington Point and Mooloolaba samples, respectively. The 
average sequence lengths ranged from 364 to 387 base pairs (bp) (Table 2). 
Table 2. Sequencing results after 454 pyrosequencing analysis for environmental samples collected 
from the Brisbane River, Wellington Point and Mooloolaba. Shown are mean values from two 
replicates for each collection site. 
Samples 
Number of 
sequences 
Total number 
of bases 
Average 
sequence 
length 
Primer used 
Brisbane River 7540 2835113 376 CTGGTTGATCCTGCCAG 
Wellington Point 7827 2854641 364 CTGGTTGATCCTGCCAG 
Mooloolaba 6455 2496872 387 CTGGTTGATCCTGCCAG 
 
Figure 4 presents the diversity of microalgae identified in the environmental samples collected in 
March 2013 at the class level. In the Brisbane River, the majority of algae belonged to the following 
classes: Dinophyceae, Chlorophyceae, Prasinophyceae, Trebouxiophyceae, Ulvophyceae, 
Bacillariophyceae, Coscinodiscophyceae, Fragilariophyceae, Chrysophyceae, Phaeophyceae and 
Xanthophyceae. Bacillariophyceae with 28.8% dominated all other classes of microalgal 
communities and the lowest represented classes belonged to Chlorophyceae and 
Coscinodiscophyceae (both 1.94%). In Wellington Point, we found microalgae of the classes 
Dinophyceae, Chlorophyceae, Mamiellophyceae, Coscinodiscophyceae, Fragilariophyceae, 
Chrysophyceae, Phaeophyceae and Synurophyceae. The most abundant class was Dinophyceae 
with 59.8% and the lowest represented abundance was found for Fragilariophyceae at 1.30%. The 
diversity at the class level of microalgae communities in Mooloolaba was lower than for the other 
two sites. We found the existence of Dinophyceae, Ulvophyceae, Bacillariophyceae and 
Phaeophyceae in this rock pool. Dinophyceae dominated the other classes, reaching 45.9% and less 
represented were Phaeophyceae, Bacillariophyceae and Ulvophyceae with 30.1%, 15.8% and 
8.25%, respectively. 
Diversity profiles of the three sites from samples collected in June 2013 changed. Most notably, 
there were more classes representing algae for all sites. In Brisbane River samples, 
Zygnemophyceae accounted for the highest percentage (42.4%). Less abundant were Dinophyceae 
(18.0%) and Ulvophyceae (7.48%), Florideophyceae (6.36%). Dinophyceae dominated in 
Wellington Point and Mooloolaba samples in June 2013, representing 21.6% and 41.7%, 
respectively. Some other classes were also represented in June 2013, such as Bangiophyceae, 
Florideophyceae and Bicosoecophyceae. In summary, the most common class identified was 
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Dinophyceae, a benthic class of dinoflagellates. This class accounted for over one third of combined 
OTUs.  
 
 
Figure 4. Diversity at class level of microalgae collected in the Brisbane River (BR), Wellington 
Point (WP) and Mooloolaba (Moo) in March and June 2013 (shown as percentage of operational 
taxonomic units (OTUs)). 
3.4. Assessment of lipid producing microalgae from three different saline ecosystems 
To determine the presence, intensity and abundance of lipid-producing aquatic microorganisms, 
samples from August 2012 until June 2013 were used for Nile red staining followed by FACS. For 
lipid determination based on FACS analysis, the machine allows simultaneous detection of 
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fluorescence intensity in Nile red stained samples and the cut-off for cell sorting was chosen to be 
clearly above the signal from unstained cells. After staining, clusters of cells were illustrated by 
forward scatters (FSC) and fluorescence intensity (PE). This revealed differences in lipid producing 
microalgae populations for each particular site and sampling time.  
Cells isolated from rock pools in Mooloolaba showed the highest cellular lipid content (based on 
mean fluorescence per cell) in August 2012, November 2012 and January 2013, but values were 
slightly higher for cells from the Brisbane River in March and June 2013. The total fluorescence of 
samples was determined by the sum of fluorescence signals from individual cells and this is shown 
in Figure 3. When the total fluorescence per sample is compared it is clear that Mooloolaba reached 
the highest values in November 2012, January 2013 and March 2013, while Brisbane River samples 
displayed the highest total fluorescence in August 2012 and June 2013 (Figure 5). This indicates 
that these samples contained the highest amount of cellular lipids.  
 
Figure 5. Total fluorescence intensity for all events after Nile red stained samples of Brisbane 
River, Wellington Point and Mooloolaba (2012 – 2013). 
The different sample collection sites were representatives for three very different environments but 
that were each shaped by influences from seawater and tides. Large differences in temperature, 
salinity, turbidity, nutrients and pH were also recorded that fluctuated for different time points 
(Figure 3). In the Brisbane River, changes of water flow and nutrient supply were considered the 
main parameters for the survival and growth of aquatic microorganisms. Samples from Wellington 
Point’s mangrove forest represented high nutrient contents and were strongly effected by tide 
changes. Rock pools on the beach at Mooloolaba were characterized by stress from high solar 
irradiation, high temperatures and salinities and low nutrient contents (Figure 3). Although all of 
those environmental conditions are not favourable for growth of microalgae, stress conditions 
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challenges the survival capacity of microalgae and stimulate the production of highly energetic 
storage compounds, such as lipids and starch that allow cells to survive adverse conditions. For 
instance, salinity has been considered as an important factor that effects bioenergetics and 
biochemical changes in photosynthetic systems that can lead to an increase of protein, chlorophyll a 
and b and lipid contents during appropriate tolerance processes (Alyabyev et al. 2007; Mittal et al. 
2012). In the present study, the abundance of microalgae at the collection sites was assessed based 
on chlorophyll a content. In Wellington Point and Mooloolaba, chlorophyll a contents changed over 
the year and were higher than in the Brisbane River although the nutrient contents in the Brisbane 
River was higher than for the other two sites. In this circumstance, the high turbidity caused by 
suspended solids should be considered as it limits light exposure and may be the main reason that 
limited the growth of microalgae. 
Obviously, microalgae survived well under such adverse environments that are encountered in rook 
pools that are subjected to high sunlight intensity, high salinity and temperature. The fluorescence 
intensity measured from these conditions was higher than for the other samples obtained from 
mangrove forest or river waters where the environmental conditions were more favourable for algae 
growth. Environments with extreme conditions have previously been suggested to be suitable sites 
for the isolation of microalgae that have the ability to accumulate lipids (Schenk et al. 2008; 
Rodolfi 2009) and the present study confirms. Lipid storage in microbial cells may contribute to 
maintain survival of microalgae under fluctuating environmental conditions. Although more 
thorough studies should be carried out, the present study suggests that highly variable and extreme 
conditions that can be found in coastal rock pools may harbor a lower biodiversity of aquatic 
microorganisms but that these have a strong ability to survive adverse conditions by being able to 
accumulate large amounts of lipids.   
 
4. Conclusion  
Controlled experiments confirmed that high-lipid containing microalgae have higher survival 
capabilities in nutrient-poor water compared to those with lower lipid contents. Water quality 
monitored in the three different sites of Brisbane River, Wellington Point and Mooloolaba changed 
dramatically over the collection times during August 2012 to June 2013. The changes of water 
quality are critical factors that affect the distribution and diversity of microalgae. Favourable 
environmental conditions in terms of nutrients and physical factors in the Brisbane River and 
mangrove forest in Wellington Point may have encouraged microalgal biomass growth and 
diversity. However, adverse environmental conditions such as those found in rock pools in 
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Mooloolaba may have also stimulated the microbial lipid producing capacity, presumably in an 
effort to adapt to the environment. Further experimentation would be required to substantiate this 
point. I conclude that the integration of environmental data together with data on abundance and 
diversity profiles as well as microbial lipid contents offers new insights into these poorly studied 
ecosystems and may assist in screening and selection of microalgae for biofuel production, in 
particular when studied over long time periods. 
5. Limitations and Future Directions 
The hypothesis that “local microalgae from extreme environments have higher survival and lipid 
accumulation capability” was used in this chapter as a working hypothesis with the main aim to 
isolate microalgal strains in the following chapters that are useful for large-scale cultivation. Thus, 
this thesis, apart from the biological question, also has a bioprocess engineering focus and the 
requirement to develop suitable microalgal strains for large-scale production (Chapters 4-6). The 
following can be considered when investigating the question of adaptation to different 
environments. Long term adaptation of microalgal strains to different environments may require 
stability of the ecosystems and would need a long time for genetic responses. However, over a short 
term, fluctuations of environmental conditions are expected to alter the enzymatic regulation that 
affects directly lipid accumulation, rather than changes in the genome. Research in this chapter was 
conducted based on techniques of environmental research as a starting point, but is then pursued 
with biotechnology and chemical analysis approaches in the following chapters. The survival 
experiments under controlled nutrient starvation conditions, as well as the experimental analysis of 
environmental quality, diversity of microalgae communities based on pyrosequencing and lipid 
quantity via flow cytometry supported the hypothesis to some degree. However, further research 
should address the dynamics or mechanisms of adaptation or genetic changes of the diverse 
communities in the environment. Time course experiments over longer periods should be carried 
out with further profiling on physiological, biochemical and genetic changes that may be 
collectively perceived as “adaptation”. 
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CHAPTER 4 
 
The outcomes of the study in Chapter 3 are fundamental for the research in Chapter 4. In fluctuating 
environments as hypothesized, microalgae may produce higher amounts of lipids than in other more 
favourable locations. Besides, apart from the high lipid content, the desirable traits of these strains 
are rapid growth, high lipid productivity, high adaptation capacity and the ability to be cultivated in 
brackish and/or seawater. The following chapter will investigate whether microalgae isolated from 
brackish water and seawater microalgae can satisfy these criteria.   
 
Highlights: 
 Microalgae were isolated from intertidal locations in South East 
Queensland, Australia with adverse or fluctuating conditions, as these 
likely harbor more opportunistic strains with high lipid accumulation 
potential. 
 Diatoms such as Nitzschia sp. CP3a, Cymbella sp. CP2b and 
Cylindrotheca closterium SI1c displayed high growth rates and lipid 
contents. Omega-3 fatty acids were also found in these strains. 
 These strains may serve as feedstock for biodiesel or high value oils, 
such as omega-3 fatty acids. 
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GROWTH AND LIPID ACCUMULATION OF MICROALGAE FROM FLUCTIATING 
BRACKISH AND SEA WATER LOCATION IN SOUTH EAST QUEENSLAND - 
AUSTRALIA 
 
Adapted from “Van Thang Duong, Skye R. Thomas Hall and Peer M. Schenk (2015). Growth and 
lipid accumulation of microalgae from fluctuating brackish and sea water locations in South East 
Queensland – Australia. Frontiers in Plant Science 6, 359.” 
 
Abstract  
One challenge constraining the use of microalgae in the food and biofuels industry is growth and 
lipid accumulation. Microalgae with high growth characteristics are more likely to originate from 
the local environment. However, to be commercially effective, in addition to high growth 
microalgae must also have high lipid productivities and contain the desired fatty acids for their 
intended use. We isolated microalgae from intertidal locations in South East Queensland, Australia 
with adverse or fluctuating conditions, as these may harbor more opportunistic strains with high 
lipid accumulation potential. Screening was based on a standard protocol using growth rate and 
lipid accumulation as well as prioritizing fatty acid profiles suitable for biodiesel or nutraceuticals. 
Using these criteria, an initial selection of over 50 local microalgae strains from brackish and sea 
water was reduced to 16 strains considered suitable for further investigation. Among these 16 
strains, the ones most likely to be effective for biodiesel feedstock were Nitzschia sp. CP3a, 
Tetraselmis sp. M8, Cymbella sp. CP2b and Cylindrotheca closterium SI1c, reaching growth rates 
of up to 0.53 day
-1
 and lipid productivities of 5.62 µg mL-1day-1. Omega-3 fatty acids were found in 
some strains such as Nitzschia sp. CP2a, Nitzschia sp. CP3a and Cylindrotheca closterium SI1c. 
These strains have potential for further research as commercial food supplements.       
 
Keywords 
Biodiesel, diatom, fatty acids, microalgae, omega-3 fatty acids  
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1. Introduction  
Microalgae grow in most natural environments, typically aquatic and marine systems, but they are 
also found in soil, ice, rock pools or in volcanic water that can have extreme environmental 
fluctuations (Duong et al. 2012). Microalgae suffering from adverse or fluctuating conditions often 
have the ability to accumulate higher contents of biochemical products for survival, such as lipid, 
starch, protein or carotenoid contents (Lim et al. 2012). Microalgae can produce a variety of lipids 
that can be used by the food and biofuel industry (Huerlimann et al. 2010). For the production of 
biodiesel, fatty acids with a chain length of 14-18 carbons are preferable. Saturated fatty acids C14, 
C16 and C18 and unsaturated fatty acids such as C16:1, C16:2, C18:1 and C18:2 are the most 
important for producing good biodiesel quality (Schenk et al. 2008). This is because the other 
unsaturated fatty acids with 3 or 4 double bonds have reduced stability in storage (Chisti 2007; 
Knothe 2006).   
The components of fatty acids, including saturated and unsaturated fatty acids produced by 
microalgae, differ for different species and strains (Renaud et al. 1994; Salama et al. 2013). The 
accumulation of fatty acid components can be controlled by environmental conditions such as 
temperature, nutrient availability and salinity (Huerlimann et al. 2010; Renaud et al. 2002). 
Alternatively, the necessary fatty acids can be developed using a chemical process. For example, 
unsaturated fatty acids from microalgae, especially fatty acids with 3 or 4 double-bonds, can be 
easily hydrogenated under partial catalysts (Jang et al. 2005), but it is preferable to identify and 
propagate microalgae that do not require secondary treatment to modify their fatty acid profile. 
Growth temperature is a major factor that dramatically influences lipid accumulation in general or 
lipid composition in particular. For instance, a higher growth temperature can stimulate lipid 
accumulation in microalgae or a lower growth temperature can lead to increased saturated fatty acid 
composition (Renaud et al. 2002). 
The screening of microalgae is not limited to those suitable for biodiesel production, because 
microalgae also offer multiple bio-products that can be used in a variety of industry (Huerlimann et 
al. 2010; Schenk et al. 2008). For instance, unsaturated fatty acids containing more than three 
double bonds, including omega-3 fatty acids, are not preferable for biodiesel but they can be useful 
as nutritious food or feed supplement. These compounds currently have a high value and could 
compete with fish oil in terms of productivity and environmental sustainability (Adarme-Vega et al. 
2014).  
Although microalgae are known to produce considerable amounts of lipids this it is not true for all 
microalgal strains. The purpose of our research was to screen microalgal isolates collected from 
brackish and sea water and identify those with the highest growth and lipid production with 
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desirable fatty acid composition. As lipid accumulation capacity of algae changes when subjected to 
adverse external factors, such as nutrient supply and environmental conditions (Huerlimann et al. 
2010; Chen et al. 2011) , the research focused on microalgae from sites that have known adverse or 
fluctuating environmental conditions (e.g. intertidal rock pools; Underwood 1984). After isolating 
pure algal cultures, growth and lipid production were compared to establish which strains are most 
stable and productive and most likely to be effective as a feedstock source for biofuel production. In 
addition, strains which produce fatty acids suitable for the health food industry were identified.   
 
2. Materials and methods  
Microalgae samples were collected from a variety of sites in the lower reaches of the Brisbane 
River, Stradbroke Island and Sunshine Coast in South East Queensland– Australia. The samples 
represent different environmental conditions of tidal brackish river water (50 cm depth), rock pools 
and beaches. Two species from the Australian National Algae Culture Collection from the 
Commonwealth Scientific and Industrial Research Organisation (CSIRO) were used to compare 
growth and lipid production with the strains that were isolated from the field (Table 1). The 
microalgae were intentionally gathered from different environments to provide a diverse taxonomy, 
stored in a cold box and transferred to the laboratory for analysis. 
 
Table 1. Sources and accessions of microalgae used in this study. 
Strains 
GPS 
coordinates 
Species origin and 
collection time 
Site status 
Genbank 
accession 
number 
Achnanthes sp. BR22.5_3 
27°29’29.00S 
153°00’48.00E 
Brisbane River 
(11.40am 
22/05/2012) 
Brackish 
water 
KF 360813 
Bacillariophyta sp. B3 
26°48’12.11S 
153°08’50.86E 
Bullcock Beach 
(3 pm 12/06/2011) 
Tidal rock 
pool 
KF 360815 
Bacillariophyta sp. SI1a 
27°26’14.23S 
153°30’51.08E 
Stradbroke Island 
(3 pm 07/07/2011) 
Brackish 
rook pool 
KF 360816 
Chlorella sp. BR2 
- Brisbane River  
(Lim et al. 2012) 
Brackish 
water 
- 
Cylindrotheca closterium SI1c 
27°26’14.23S 
153°30’51.08E 
Stradbroke Island 
(3 pm 07/07/2011) 
Brackish 
rock pool 
KF 360818 
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Cymbella cistuliformis CP2c 
24°59’19.96S 
153°21’04.74E 
Frazer Island, 
Champagne Pools  
(10 am 1/4/2012) 
Tidal rock 
pool 
KF 360819 
Cymbella sp. CP2b 
24°59’19.96S 
153°21’04.74E 
Frazer Island, 
Champagne Pools  
(10 am 1/4/2012) 
Tidal rock 
pool 
KF 360820 
Dunaliella tertiolecta  
- CSIRO Tasmania 
(CS-175/8) 
- - 
Navicula sp. BR22.52 
27°29’29.00S 
153°00’48.00E 
Brisbane River 
(11.40am 
22/05/2012) 
Brackish 
water 
KF 360822 
Navicula sp. CP6a 
24°59’19.96S 
153°21’04.74E 
Frazer Island, 
Champagne Pools 
(10 am 1/4/2012) 
Tidal rock 
pool 
KF 360823 
Navicula sp. SI2d 
27°25’33.82S 
153°31’45.70E 
Stradbroke Island 
(3 pm 07/07/2011) 
Tidal rock 
pool 
KF 360824 
Nitzschia sp. CP2a 
24°59’19.96S 
153°21’04.74E 
Frazer Island, 
Champagne Pools 
(10 am 1/4/2012) 
Tidal rock 
pool 
KF 360825 
Nitzschia sp. CP3a 
24°59’19.96S 
153°21’04.74E 
Frazer Island, 
Champagne Pools 
(10 am 1/4/2012) 
Tidal rock 
pool 
KF 360826 
Phaeodactylum tricornutum  
- CSIRO Tasmania 
(CS-29/8) 
- - 
Tetraselmis sp. M8 
- Rock Pool  
Maroochydore, 
(Lim et al. 2012) 
Tidal rock 
pool 
JQ 423158 
Thalassiosira rotula SI2a 
27°25’33.82S 
153°31’45.70E 
Stradbroke Island 
(3 pm 07/07/2011) 
Tidal rock 
pool 
KF 360828 
 
2.1.  Isolation and preliminary screening 
Microalgae were cultured in f/2 medium at 25±1°C with a 12 h/12 h light/dark photoperiod at a 
light intensity of 120 μmol photons m-2s-1 from fluorescent lights (Osram L36W/840) and constant 
bubbling conditions (LP-100 air pump, Shen-Zhen Xingrisheng Industrial Co. Ltd) in a 
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temperature-controlled environment room. Single cells were isolated by a micropipette on an 
inverted microscope and grown in 96 wells plates before transferring to 100 mL flasks for pure 
cultivation as described previously (Duong et al. 2012). The isolation procedure was conducted 
with sterilized equipment and in the laminar flow. Single cells were isolated by the 
micromanipulation method and the pure culture was checked regularly for the presence of 
contaminating algae or high abundance of bacteria during inoculation and growth experiments. It 
should be mentioned that the cultures in this study are not axenic. While it can be excluded that they 
contain other microalgae or protists, they still contain associated bacteria. This was considered 
desirable as microalgae-associated bacteria often provide improved growth (Amin et al. 2012). 
Algal strains were then provisionally screened based on their ability for rapid growth and lipid 
fluorescence using Nile red staining as described by Lim et al. (2012). 
2.2.  Classification by DNA sequencing 
Microalgal biomass was collected at the late exponential phase of cultivation for DNA extraction. 
DNA extraction was performed using a phenol:chloroform method. After extraction, genomic DNA 
within the 18S rRNA region was amplified on a PCR machine by using the following primers: 
Forward 5’-GCGGTAATTCCAGCTCCAATAGC-3’ and Reverse 5’-
GACCATACTCCCCCCGGAACC-3’. The process followed was developed by Lim et al. (2012). 
PCR templates were then purified by using a Wizard SV Gel PCR Clean-Up System (Promega). 
For sequencing preparation, 5 µL of a 25 ng µL
-1
 PCR product were combined with 1 µL of a 10 
µM solution of each of the above primers. The reaction was topped up to 12 µL with Millipore 
water in a 1.5 mL tube and sent to the Australian Genome Research Facility (AGRF) at The 
University of Queensland for sequencing and analysis. The DNA sequence data was compared with 
Genbank entries for classification.  
2.3.  Standard protocol for growth experiments 
After obtaining pure cultures, all isolated strains were grown in f/2 medium following a cultivation 
protocol that used bubbling for aeration and mixing. The standard protocol can be briefly described 
as follows: All strains were inoculated with 5 mL from a recently grown master culture and cultured 
in 150 mL f/2 medium until the end of the exponential growth phase was reached (less than 10% 
cell density increase/day) before starting the standard growth experiment. This culture was then 
used as the inoculum at a ratio of 1/10 for 300 mL f/2 medium in 400 mL bottles that were 
connected to a bubbling system and exposed to 12 h/12 h light/dark photoperiod at a light intensity 
of 120 μmol photons m-2s-1. Cells were counted daily by using a hemocytometer. Nitrate 
concentrations were monitored daily until the nutrient levels reached zero (below detection). Nitrate 
was determined by using a colorimetric assay (API test kit) and measured on a spectrophotometer at 
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a wavelength 545 nm. Growth rates were calculated by the following equation (Levasseur et al. 
1993) 
𝐾′ =
 
𝑙𝑛
𝑁2
𝑁1
𝑡2 − 𝑡1
 
where N1 and N2 equal cell counts at time 1 (t1) and time 2 (t2), respectively. Doubling time was 
also calculated once the specific growth rate was known.  
𝐷𝑜𝑢𝑏𝑙𝑖𝑛𝑔 𝑡𝑖𝑚𝑒 =  
𝑙𝑛2
𝐾′
 
Microalgae were cultured for another 3 days after the nitrate concentration in the medium became 
undetectable to induce lipid biosynthesis.  
2.4.  Fatty acid methyl esters (FAME) analysis 
Samples for FAME analysis were collected when lipid accumulation reached its peak, after 3 days 
of starvation. A total of 4 mL of microalgal culture was collected and centrifuged at 8,000 x g for 5 
min. Biomass was collected and dried by a vacuum pump for 30 min. Lipids in the microalgal pellet 
were hydrolyzed and methyl-esterified in 300 µL of a 2% H2SO4 and methanol solution for 2 h at 
80°C. Prior to the reaction, 50 µg of heneicosanoic acid (Sigma, USA) was added as internal 
standard. After the esterification step, 300 µL of 0.9% (w/v) NaCl solution and 300 µL of hexane 
were added and mixed for 20 s. To separate the phase, samples were centrifuged at 16,000 x g for 3 
min. A total of 1 µL of hexane layer was injected into an Agilent 6890 gas chromatograph (GC) 
coupled to a 5975 MSD mass spectrometer (MS). The running conditions were described by 
Agilent’s RTL DBWax method (Brown 1991).   
2.5. Statistical analysis 
Data for growth rate, lipid and protein analyses were compared and analysed by two-way ANOVA 
and Tukey’s HDS tests to establish the significant differences between strains using GraphPad 
Prism 6.0. Differences were considered significant when p values were below 0.05. 
3. Results  
3.1. Growth of selected microalgal strains 
Out of 50 microalgal strains that were isolated, 16 were shortlisted based on their rapid growth and 
high lipid fluorescence following Nile red staining (Figure 1 shows an example). Strains were then 
compared in standard growth and lipid accumulation assays to determine the most suitable strains as 
feedstock for biodiesel and/or nutraceuticals. The growth of microalgal strains in the collection is 
presented in two groups for easier comparison: diatoms and green microalgae. The fastest growing 
strain Thalassiosira rotula SI2a grew 5.3 times faster than the slowest growing strain 
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Bacillariophyta sp. B3 (Table 2). Among the diatomaceous species, Thalassiosira rotula SI2a’s cell 
density was 2.47 x 10
6
 cells mL
-1
 and this strain exhibited the highest growth rate and lowest 
doubling time, achieving 0.64 day 
-1
 and 1.09 days, respectively. The cell density of Phaeodactylum 
tricornutum reached 6.97 x 10
6
 cells mL
-1
 and grew more after the standard assay’s completion. The 
growth rate and doubling time of this strain was 0.49 day
-1
 and 1.42 days, respectively. 
Cylindrotheca closterium SI1c’s growth reached a peak of 1.89 x 106 cells mL-1. Bacillariophyta sp. 
SI1a, Bacillariophyta sp. B3 and Navicula sp. SI2d grew slowly and reached peaks of 3.18 x 10
5
 
cells mL
-1
, 4.5 x 10
4
 cells mL
-1
 and 1.18 x 10
5
 cells mL
-1
, respectively.  
 
 
 
 
 
 
 
 
 
 
 
 
Figure 1. Cymbella sp. CP2b after Nile red staining under fluorescence microscopy. Yellow 
droplets show lipid containing triacylglycerides and orange droplets show autofluorescence from 
chlorophyll. Cymbella sp. CP2b displayed fast growth rates and one of the highest lipid 
productivities (4.51 µg mL-1 day-1). 
 
Table 2. Growth characteristics of the isolated strains in f/2 medium during the duration of the 
standard assay. Shown are mean values from three separately-grown cultures each. 
Strains 
Mean growth 
rate (µ day
-1
) 
Doubling time 
(days) 
Maximum cell density 
(x10
4
 cells mL
-1
) 
Achnanthes sp. BR22.5_3 0.13 5.48 28.50 
Bacillariophyta sp. B3 0.12 5.96 6.17 
20 µm 
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Bacillariophyta sp. SI1a 0.32 2.16 31.83 
Chlorella sp. BR2 0.45 1.54 245.83 
Cylindrotheca closterium SI1c 0.53 1.31 189.00 
Cymbella cistuliformis CP2c 0.26 2.65 28.67 
Cymbella sp. CP2b 0.53 1.31 103.17 
Dunaliella tertiolecta  0.46 1.51 266.83 
Navicula sp. BR22.52 0.34 2.05 24.50 
Navicula sp. CP6a 0.39 1.80 42.33 
Navicula sp. SI2d 0.29 2.40 11.83 
Nitzschia sp. CP2a 0.22 3.08 298.33 
Nitzschia sp. CP3a 0.17 3.99 123.83 
Phaeodactylum tricornutum  0.49 1.42 696.67 
Tetraselmis sp. M8 0.43 1.60 262.17 
Thalassiosira rotula SI2a 0.64 1.09 247.00 
 
Dunaliella tertiolecta, Chlorella sp. BR2 and Tetraselmis sp. M8 were the fastest growing green 
algal strains. Cell density of three strains increased gradually and peaked after 7 to 9 days. The cell 
density peaks for Chlorella sp. BR2, Tetraselmis sp. M8 and Dunaliella tertiolecta were 2.46 x 10
6
 
cells mL
-1
, 2.62 x 10
6
 cells mL
-1
 and 2.67 x 10
6
 cells mL
-1
, respectively. These strains had similar 
growth rates and doubling times (Table 2).  
Nitrogen and phosphorous concentrations changed during the cultivation of the strains. Nitrate 
concentration in the medium decreased dramatically from day 3 to day 5 and nitrogen depletion 
occurred from day 5 to day 7 of the experiment. The concentration of phosphate decreased 
gradually over the experimental period. A depletion of phosphate occurred from day 7 to day 10. 
Nitzschia sp. CP2a and Nitzschia sp. CP3a consumed most nutrients among the strains tested 
(Figure 2).   
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Figure 2. Nitrate (A) and phosphate (B) depletion in growth medium (daily uptake) of Cymbella sp. 
CP2b, Nitzschia sp. CP2a and Nitzschia sp. CP3a. Shown are mean values ± SEs from three 
separately-grown cultures each. 
 
3.2. Lipid contents in microalgae collection. 
The result from GC/MS showed that all selected microalgal strains can produce fatty acids. 
Eighteen different fatty acids were detected, however not all strains produced all eighteen fatty 
acids. There was no detection of some unsaturated fatty acid with 3 or 4 double bonds such as 
hexadecatrienoic acid, hexadecatetraenoic acid and stearidonic acid in Nitzschia sp. CP2a, Cymbella 
sp. CP2b, Cymbella cistuliformis CP2c, Nitzschia sp. CP3a and Navicula sp. CP6a. Total FAMEs 
ranged from 9.27 µg mL
-1
 to 50.53 µg mL
-1
. The highest FAME content was achieved for Nitzchia 
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sp. CP3a and the lowest was measured for Chlorella sp. BR2 (Figure 3). Palmitic acid and stearic 
acid were dominant among the total fatty acids. The percentage of palmitic acid ranged from 
19.83% to 37.65% in most of the strains, except for Bacillariophyta sp. SI1a, Cylindrotheca 
closterium SI1c, Thalassiosira rotula SI2a and Navicula sp. SI2d. Stearic acid that accumulated in 
the strains ranged from 14.81% to 57.73%, except for Nitzschia sp. CP2a, Cymbella sp. CP2b and 
Nitzschia sp. CP3a.  
 
 
Figure 3. Total fatty acid methyl esters (FAMEs) contents of the isolated microalgal strains, 
expressed in µg mL-1. Shown are mean values ± SEs from three separately-grown cultures. 
Different letters above bars indicate statistically significant differences (p<0.05; two-way ANOVA, 
Tukey’s HSD test using GraphPad Prism 6.0). 
 
Interestingly, omega-3 eicosapentaenoic acid (EPA) and docosahexaenoic acid (DHA) were found 
in most of the strains. The highest EPA percentage of total FAMEs reached 30.85% for 
Phaeodactylum tricornotum, 14.49% for Nitzschia sp. CP3a and 12.46% for Nitzschia sp. CP2a. 
DHA reached 1.11% and 1.36% for Nitzschia sp. CP3a and Nitzschia sp. CP2a, respectively. On 
average, saturated fatty acids were the major FAMEs in most strains; the highest values were found 
in Thalassiosira rotula SI2a (62.18%), Bacillariophyta sp. B3 (71.9%) and Navicula sp. CP6a 
(71.61%). However, total unsaturated fatty acids were higher than total saturated fatty acids in 
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strains such as Dunaliella tertiolecta (62.08%), Cylindrotheca closterium SI1c (61.65%) and 
Nitzschia sp. CP3a (60.47%). 
 
4. Discussion 
All strains in the study were collected from estuary, coastal waters and rock pools where 
environmental conditions change frequently, especially changes of temperature, salinity, light 
exposure and nutrients. The changes require microalgae to adapt and/or produce more biochemical 
products to ensure their survival (Lim et al. 2012). Lipid is one of the biochemical products that 
microalgae can produce along with starch under nutrient deprived conditions in the light (Schenk et 
al. 2008). Lipid productivities were highest for Nitzschia sp. CP3a (5.62 µg mL-1 day-1), Tetraselmis 
sp. M8 (5.29 µg mL-1 day-1), Cymbella sp. CP2b (4.51 µg mL-1 day-1) and Cylindrotheca closterium 
SI1c (3.93 µg mL-1 day-1). The value for Tetraselmis sp. M8 was higher than the lipid productivity 
previously reported for this strain when grown under laboratory conditions (2.1 µg mL-1 day-1; Lim 
et al.
 
2012). It is interesting to note that all of these strains have been isolated from coastal rock 
pools subjected to tides. Their high lipid productivities suggest that these microalgae may be more 
opportunistic than others from more stable environments (e.g. stationary lakes or open ocean). A 
future study comparing the growth rates and lipid productivities of microalgae isolated from stable 
and unstable environments may further substantiate this notion. High growth rates of these 
microalgae lead to rapid production of biomass while their high lipid accumulation capability is 
likely to assist in higher survival rates during adverse conditions. The data in the previous chapter 
supports the notion that under extreme environmental conditions, such as high salinity and 
temperature, lipid accumulation as storage is necessary for their existence. The data show that lipid 
fluorescence intensity from microalgae isolated from adverse conditions was higher than those from 
more favourable conditions. Further experiments have been conducted under controlled laboratory 
conditions to test the hypothesis that higher lipid accumulation actually leads to higher survival 
rates which could be confirmed. Interestingly, divergent from this trend is Nitzschia sp. CP3a which 
despite its high lipid productivity had a very slow growth rate. Further studies should be conducted 
to test the survival rates of these strains and if these correlate with their cellular lipid and/or starch 
contents. 
Diatoms can survive in harsh environments (Seckbach 2007) and usually produce more lipids in 
harsher environments (Lim et al. 2012). For this research, the difference of environmental 
conditions between natural habitats and the laboratory may have created a harsh environment that 
impacted on growth and chemical accumulation of microalgae tested. Many of the strains in this 
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study adapted to their new environment and grew well under laboratory conditions. For instance, 
Cymbella sp. is a diatom that usually requires multi nutrients and minerals from natural sources 
(Tarapchak et al. 1983; Takeda 1998). However, this strain grew well in f/2 medium and displayed 
one of the best growth rates (Table 2). The indoor growth experiments were set up for conditions 
similar to the natural habitats (temperature, nutrients, light). However, the indoor conditions are not 
identical to the natural conditions.  
In addition, nutrient availability also affects diatom growth. For example, silica is the main 
components of the diatom cell wall. Changing nutrient availability may directly influence the 
structure of silica composition in the cell wall and affect diatom growth (Tarapchak et al. 1983). 
Thus optimizing nutrient availability can also substantially affect growth rates and biomass 
production. For example, increasing of nutrients or nitrogen leads to an increase of growth rate 
(Borowitzka and Moheimani 2013; Chen et al. 2011; Converti et al. 2009). However, to enable a 
direct side-by-side comparison, a standard assay with unoptimized parameters was used in the 
current study. Clearly, higher growth rates and lipid productivities are achievable after careful 
cultivation optimization. For example, this has been achieved for Tetraselmis sp. M8 (Sharma et al. 
2014). A comparison of growth rates among the fastest growth strains between the study and other 
publications has been undertaken. It showed that the growth of the strains in the present study was 
similar or faster to those in other studies for Chlorella sp. BR2, Tetraselmis sp. M8 (24.5% and 
18.6% increase, respectively, compared to the study by Lim et al. 2012) or slightly lower for 
Thalassiosira rotula (23.4% reduction compared to the study by Doan et al. 2011). The difference 
may be due to a difference of strains used and growth conditions, such as air and nutrient supply, 
temperature, culture systems and photosynthesis periods (Converti et al. 2009; Renaud et al. 2002).  
Total FAMEs results from GC/MS analysis showed that all 14 microalgal strains tested were lipid 
producers under the standard conditions used (Table 3). Nitzschia sp. CP3a was the highest lipid 
producer, followed by Tetraselmis sp. M8, Cymbella sp. CP2b, Nitzschia sp. CP2a and 
Cylindrotheca closterium SI1c. The lipid content produced by Tetraselmis sp. M8 was similar to the 
results of Lim et al. (2012). The proportion of saturated fatty acids reached more than 50% for most 
of the diatom strains and was dominated by myristic acid, palmitic acid and stearic acid. These fatty 
acids are the main desirable components for biodiesel production (Schenk et al. 2008). Based on the 
above properties, we conclude that the two diatoms, Cymbella sp. CP2b and Cylindrotheca 
closterium SI1c, are potential strains that can be used to develop microalgal biofuel production.  
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Table 3. Fatty acid composition in percentage of total fatty acid methyl esters (FAMEs) of different microalgal strains collected in South East 
Queensland, Australia after cultivation to nitrate depletion and an additional 3 days of starvation. Shown are mean values from three separately-grown 
cultures each. 
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Lauric (C12:0) 1.12 1.64 1.59 2.17 2.18 0.95 0.13 2.05 0.27 0.00 0.00 0.00 0.00 0.00 
Myristic (C14:0) 21.32 0.74 0.63 0.66 0.81 0.93 8.74 1.65 0.47 5.96 9.56 6.73 5.33 4.88 
Palmitic (C16:0) 23.64 0.88 0.23 1.27 1.12 28.33 29.31 31.68 19.87 30.10 37.65 30.22 28.82 37.04 
Palmitoleic (C16:1) 0.45 1.43 4.66 1.19 1.37 1.79 0.21 4.71 0.35 31.57 38.26 21.31 27.28 15.75 
Hexadecadienoic (C16:2) 5.08 13.72 8.97 3.18 6.56 14.59 0.43 1.42 1.44 2.80 1.60 2.49 3.33 1.63 
Hexadecatrienoic (C16:3) 4.80 23.29 23.28 2.32 6.92 18.27 5.59 8.84 4.22 0.00 0.00 0.00 0.00 0.00 
Hexadecatetraenoic (C16:4) 0.72 1.85 1.77 0.93 2.06 0.25 0.01 0.04 23.30 0.00 0.00 0.00 0.00 0.00 
Stearic (C18:0) 25.15 39.13 35.21 57.73 52.32 19.79 14.81 29.28 16.65 5.71 6.56 20.39 5.25 28.74 
Oleic (C18:1) 3.57 5.57 10.11 19.24 18.07 8.08 7.13 11.86 0.82 1.97 1.18 2.37 2.92 2.07 
Linoleic (C18:2) 1.48 0.21 0.17 0.09 0.05 0.24 1.76 6.12 1.85 0.80 0.28 1.21 1.33 0.38 
Linolenic (C18:3) 5.64 6.90 10.83 9.95 4.23 3.41 0.34 0.39 29.98 1.79 0.09 0.61 1.16 0.26 
Stearidonic (C18:4) 0.10 0.15 0.20 0.10 0.15 0.14 0.00 0.13 0.00 0.00 0.00 0.00 0.00 0.00 
Arachidic (C20:0) 0.52 0.18 0.42 0.17 0.11 0.26 0.60 1.28 0.57 0.19 0.20 0.77 0.13 0.95 
Arachidonic (C20:4) 0.12 3.20 0.67 0.04 0.13 1.54 0.00 0.04 0.00 5.28 0.68 4.80 8.85 1.87 
Eicosapentaenoic (EPA) (C20:5) 5.71 0.28 0.38 0.21 3.44 0.28 30.85 0.08 0.12 12.46 3.94 8.75 14.49 6.16 
Behenic (C22:0) 0.15 0.40 0.27 0.18 0.19 0.34 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Docosatetraenoic (C22:4) 0.26 0.25 0.29 0.32 0.18 0.44 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Docosahexaenoic (DHA)(C22:6) 0.17 0.17 0.34 0.26 0.09 0.36 0.00 0.00 0.01 1.36 0.00 0.34 1.10 0.28 
Saturated fatty acids (%) 71.90 42.96 38.35 62.18 56.73 50.60 53.59 65.93 37.82 41.96 53.97 58.11 39.53 71.61 
Unsaturated fatty acids (%) 28.10 57.04 61.65 37.82 43.27 49.40 46.31 33.64 62.08 58.04 46.03 41.89 60.47 28.39 
Total fatty acids (µg mL-1) 28.91 26.91 35.36 24.56 16.41 47.65 22.85 9.27 17.69 38.21 40.58 11.13 50.53 7.90 
Lipid productivity (µg mL-1 day-1)   3.21 2.99 3.93 2.73 1.82 5.29 2.54 1.03 1.97 4.25 4.51 1.24 5.62 0.88 
71 
 
Acknowledgements 
 
We are grateful to Meat & Livestock Australia, the Australian Research Council, The 
University of Queensland and the Endeavour scholarship program of the Australian 
Government for financial support. We wish to thank Dorothee Hahne from Metabolomics 
Australia for technical assistance and Prof Dennis Poppi, Dr Stuart McLennan, Dr Simon 
Quigley, Dr Faruq Ahmed and Paul Rodman for useful discussions. 
 
References  
 
Adarme-Vega TC, Thomas-Hall SR, Schenk PM (2014) Towards sustainable sources for 
omega-3 fatty acids production. Current Opinion in Biotechnology 28,14-18. 
Amin SA, Parker MS, Armbrust EV (2012) Interactions between diatoms and bacteria. 
Microbiology and Molecular Biology Reviews 76(3),667-684. 
Borowitzka M, Moheimani N (2013) Sustainable biofuels from algae. Mitigation and 
Adaptation Strategies for Global Change 18,13-25. 
Brown MR (1991) The amino acid and sugar composition of sixteen species of microalgae 
used in mariculture. Journal of Experimental Marine Biology and Ecology 145,79-99. 
Chen M, Tang H, Ma H, Holland TC, Ng KYS, Salley SO (2011) Effect of nutrients on 
growth and lipid accumulation in the green algae Dunaliella tertiolecta. Bioresource 
Technology 102,1649-1655. 
Chisti Y (2007) Biodiesel from microalgae. Biotechnology Advances 25,294-306. 
Converti A, Casazza AA, Ortiz EY, Perego P, Del Borghi M (2009) Effect of temperature and 
nitrogen concentration on the growth and lipid content of Nannochloropsis oculata and 
Chlorella vulgaris for biodiesel production. Chemical Engineering and Processing: 
Process Intensification 48,1146-1151. 
Doan TTY, Sivaloganathan B, Obbard JP (2011) Screening of marine microalgae for 
biodiesel feedstock. Biomass and Bioenergy 35,2534-2544. 
Duong VT, Li Y, Nowak E, Schenk PM (2012) Microalgae isolation and selection for 
prospective biodiesel production. Energies 5,1835-1849. 
72 
 
Huerlimann R, de Nys R, Heimann K (2010) Growth, lipid content, productivity, and fatty 
acid composition of tropical microalgae for scale-up production. Biotechnology and 
Bioengineering 107,245-257. 
Jang ES, Jung MY, Min DB (2005) Hydrogenation for low trans and high conjugated fatty 
acids. Comprehensive Reviews in Food Science and Food Safety 4,22-30. 
Knothe G (2006) Analyzing biodiesel: Standards and other methods. Journal of the American 
Oil Chemists Society 83,823-833. 
Levasseur M, Thompson PA, Harrison PJ (1993) Physiological acclimation of marine 
phytoplankton to different nitrogen sources. Journal of Phycology 29,587-595. 
Lim DKY, Garg S, Timmins m, Zhang ESB, Thomas-Hall SR, Schuhmann H, Li Y, Schenk 
PM (2012) Isolation and evaluation of oil producing microalgae from subtropical 
coastal and brackish waters. PLoS ONE 7,e40751. 
Renaud SM, Parry DL, Thinh L-V (1994) Microalgae for use in tropical aquaculture I: Gross 
chemical and fatty acid composition of twelve species of microalgae from the Northern 
Territory, Australia. Journal of Applied Phycology 6,337-345. 
Renaud SM, Thinh L-V, Lambrinidis G, Parry DL (2002) Effect of temperature on growth, 
chemical composition and fatty acid composition of tropical Australian microalgae 
grown in batch cultures. Aquaculture 211,195-214. 
Salama E-S, Kim H-C, Abou-Shanab RI, Ji M-K, Oh Y-K, Kim S-H, Jeon B-H (2013) 
Biomass, lipid content, and fatty acid composition of freshwater Chlamydomonas 
mexicana and Scenedesmus obliquus grown under salt stress. Bioprocess and 
Biosystems Engineering 36,827-833. 
Schenk PM, Thomas-Hall S, Stephens E, Marx U, Mussgnug J, Posten C, Kruse O, 
Hankamer B (2008) Second generation biofuels: high-efficiency microalgae for iodiesel 
production. BioEnergy Research 1(1),20-43. 
Sharma K, Li Y, Schenk PM (2014) UV-C-mediated lipid induction and settling, a step 
change towards economical microalgal biodiesel production. Green Chemistry 
16,3539–3548. 
Seckbach J (2007) Algae and cyanobacteria in extreame environments. Springer Netherlands. 
73 
 
Takeda S (1998) Influence of iron availability on nutrient consumption ratio of diatoms in 
oceanic waters. Nature 393,774-777. 
Tarapchak S J, Slavens DR, Quigley MA, Tarapchak JS (1983) Silicon contamination in 
diatom nutrient enrichment experiments. Canadian Journal of Fisheries and Aquatic 
Sciences 40(5),657-664.  
Underwood AJ (1984) The vertical distribution and seasonal abundance of intertidal 
microalgae on a rocky shore in New South Wales. Journal of Experimental Marine 
Biology and Ecology 78(3),199-220. 
                                  
  
74 
 
 
CHAPTER 5 
 
Should lipids be extracted from microalgae (e.g. for the purpose of biodiesel production), the 
remaining biomass could be used as animal feed and therefore a high protein content and 
high protein productivity are also desirable. The following chapter focusses on high protein 
producing microalgae for the purpose of providing protein-rich biomass sources as feed 
supplement. Should on-farm production of microalgae on cattle farms occur, it would be 
advantageous to use local microalgal strains isolated from cattle farms. These microalgae 
from freshwater sources in the Northern Territory, Australia, may also be considered as 
potential candidates for lipid and other high value products, such as omega-3 fatty acids. I 
hypothesized that these autochthonous freshwater microalgae are well adapted, possess high 
growth rates and may produce a high amount of biochemical compounds. Apart from finding 
use as animal feed, freshwater microalgae may be used in wastewater systems to absorb 
pollutants such as nutrients and heavy metals. Chapter 5 focuses on microalgae samples 
collected in the Northern Territory, Australia for lipid and protein producing papacity in order 
to screen the best strains that can apply to outdoor cultivation under farm conditions.   
Highlights: 
 Microalgal strains were successfully collected from freshwater 
habitats located on cattle farms in the Northern Territory, 
Australia.  
 Several strains produced high amounts of lipids and proteins 
which is desirable if these strains are to be used as feed 
supplement for cattle, after oil extraction for biodiesel.   
 Chlorella sp. NT8a  and Scenedesmus dimorphus NT8e produced 
the highest triglyceride contents of 116.9 µg mL
-1
 culture and 
99.13 µg mL
-1
, respectively. 
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Abstract 
Microalgal biomass can be used for biodiesel, feed and food production. Collection and 
identification of local microalgal strains in the Northern Territory – Australia was conducted 
to identify strains with high protein and lipid contents as potential feedstock for animal feed 
and biodiesel production, respectively. A total of 36 strains were isolated from 13 samples 
collected from a variety of freshwater locations, such as dams, ponds and streams and 
subsequently classified by 18S rDNA sequencing. All of the strains were green microalgae 
and predominantly belong to Chlorella sp., Scenedesmus sp., Desmodesmus sp., 
Chlamydomonas sp., Pseudomuriella sp., Tetraedron caudatum, Graesiella emersonii and 
Mychonastes timauensis. Among the fastest growing strains, Scenedesmus sp. NT1d 
possessed the highest content of protein; reaching up to 33% of its dry weight. In terms of 
lipid production, Chlorella sp. NT8a and Scenedesmus dimorphus NT8e produced the highest 
triglyceride contents of 116.9 µg mL
-1
 culture and 99.13 µg mL
-1
, respectively, as measured 
by gas chromatography-mass spectroscopy (GC-MS) of fatty acid methyl esters (FAMEs). 
These strains may present suitable candidates for biodiesel production after further 
optimization of culturing conditions, while their protein-rich biomass could be used for 
animal feed.  
Keywords: 18S rDNA sequencing, animal feed, biodiesel, fatty acid methyl esters, 
microalgae, protein-rich biomass, triacylglyceride  
1. Introduction 
Microalgae occur widely in a variety of natural and man-made environments, including fresh, 
brackish, sea and waste water, as well as in soil and on other organisms. Most microalgae can 
be found in freshwater and marine habitats such as lakes, rivers, streams, pond, estuary and 
coastal areas. Richmond (2004) reported that there could be about 50,000 species, although at 
present about 30,000 species have been identified and analysed.  
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Based on the large amount of research, the potential of microalgae’s application to the biofuel 
industry has increased in recent years. There are many microalgae that can accumulate large 
amounts of lipids in their cells (Sheehan et al. 1998; Lim et al. 2012). The lipid content 
depends on the specific algal strain and their growth conditions, with average contents 
ranging from 2% to 75% of dry weight (DW) under exceptional circumstances, but are 
typically between 10-30% DW (Chisti 2007; Schenk et al. 2008; Li et al. 2008; Sharma et al. 
2012). For instance, the green alga Botryococcus braunii can produce hydrocarbons up to 
75% of their DW. This species is being considered as a possible source for future biodiesel 
production (Chisti, 2007), but its growth rates are considered not competitive compared to 
many other microalgae.  
Freshwater strains can produce high amounts of protein and other bio-products that have 
valuable properties in industry, such as antioxidants (e.g. carotenoids) and emulsifiers that are 
used for the alimentary industry (Chisti, 2007; Ahmed et al 2014), omega 3 and omega 6 
fatty acids as nutraceuticals (Adarme-Vega et al. 2014) or lipid for biodiesel feedstock 
(Chisti, 2007; Sharma and Schenk, 2014). Using local strains has been demonstrated to 
ensure dominance and high adaptability to local environmental and climatic conditions and 
should be the preferred option to prevent the invasion of non-indigenous species in the 
environment. Advantages of microalgae compared to first generation biofuel crops, include 
their high areal productivity resulting in less land use than other crops, a wide range of 
adaptation in different environments including their ability for rapid growth in brackish, 
saline or waste water without the need to compete for arable land or biodiverse landscapes 
(Mata et al. 2010; Rodolfi et al. 2009). 
The application of microalgae in tropical aquaculture is rapidly increasing. Understanding 
their chemical composition including protein and fatty acids profiles enables effective 
screening of candidate algal strains with the aim to optimize conditions for large-scale 
cultivation, including suitable methods for lipid induction and extraction (Renaud et al. 1994; 
Sharma et al. 2012; Ghasemi Naghdi et al. 2014). Australia also has a high demand for 
protein-rich feed for livestock, in particular for cattle in the Northern Territory where no local 
protein-rich feeding crops are available during the dry season. An alternative source of 
protein-rich feed can potentially be provided from on-farm microalgae cultivation. 
Molecular DNA-based techniques are becoming increasingly popular in phycological 
classification studies (Tang et al. 2011). Comparisons of morphological similarities between 
microalgal species have been used frequently but the results sometimes generate mistakes in 
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taxonomy because of the apparent morphological similarities to other organisms (Hu et al. 
2008). Along with morphological techniques, genetic profiling of microalgae is a great tool 
for their classification (González López et al. 2010).  
In a future scenario, it might be possible to use microalgae as feedstock for oil extraction for 
biodiesel, while the remaining biomass can be used as animal feed. The purpose of this study 
was to collect, identify and characterize local microalgal strains from outback Australia that 
have the ability to accumulate high amounts of valuable products such as protein for feed 
production and fatty acids for biofuel industry. Protein and fatty acids methyl esters profiles 
were also determined and evaluated. 
  
2. Materials and methods 
A total of 13 samples were collected in October 2012 from the surface and bottom ground of 
freshwater dams, streams and ponds in the Northern Territory, Australia. Sample locations 
included Brunchilly, Tablelands (GPS 18°52'03"S, 134°30'22"E; sampled from bottom of 
“Turkey nest”; strain names: NT1x), Katherine Research Station (South Stuart Highway, 
Katherine; GPS 14°28'21"S, 132°18'17"E; sampled from bottom of “Cooler”; strain names: 
NT3x); Kidman Springs (Buchanan Highway; GPS 16°07'04"S 130°57'30"E; sampled from 
surface and subsurface of “Suppleject Dam”; strain names NT5x and NT6x, respectively) and  
Douglas Daly Research Farm (Jungwa Road, Douglas Daly PMB 105, Winellie; GPS 
13°49'59"S 131°11'12"E; sampled from bottom of “Gamba dam”; strain names: NT8x).  
Samples were preserved in the dark until transferred to the laboratory for analyses. 
2.1. Isolation of pure microalgal strains 
Single cells were isolated by micropipette on a micromanipulator with an inverted 
microscope and grown on 96 well-plates before transferred to 100 mL flasks in Bold’s Basal 
Medium (BBM) for cultivation of pure clonal algal cultures at 25°C, 12 h:12 h light:dark 
cycle under fluorescent white light (120 μmol photons m-2s-1), as described previously 
(Duong et al. 2012; Lim et al. 2012; Salama et al. 2013). 
 2.2. Classification by DNA sequencing 
DNA extraction was conducted at the late exponential phase of cultivation. The cell density 
at that point was typically 2x10
7 
cells mL
-1
. Microalgal cells were extracted by using an 
DNeasy Plant Kit (Qiagen) following the manufacturer’s instructions. After extraction, 
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genomic DNA within the 18S rRNA region was amplified on a PCR machine by using the 
following primers: Forward 5’-GCGGTAATTCCAGCTCCAATAGC-3’ and Reverse 5’-
GACCATACTCCCCCCGGAACC-3’. The PCR cycling conditions comprised 94°C for 5 
min for initialization, 94°C for 30 s for denaturation, annealing at 55°C for 30 s and 72°C for 
1 min for elongation. The final elongation step was at 72°C for 10 min. PCR templates were 
then purified by using a Wizard SV Gel PCR Clean-Up System (Promega). For sequencing 
preparation, 5 µL of a 25 ng μL-1 PCR product were combined with 1 µL of a 10 µM solution 
of each of the above primers. The reaction was topped up to 12 µL with Millipore water in a 
1.5 mL tube and sent to the Australian Genome Research Facility (AGRF) at The University 
of Queensland for sequencing. The DNA sequencing data were then analysed by MEGA 5.2 
and the results were compared by BLAST searches with Genbank entries for classification. 
 All of the strains were registered and deposited in Genbank with accession numbers (as 
shown in in the Results section). For sequences with > 99% identity match, the species name 
was adopted, otherwise the genus name to the closest match was used. The Maximum 
Parsimony tree was obtained using the Subtree-Pruning-Regrafting algorithm with search 
level 1 in which the initial trees were obtained by the random addition of sequences (10 
replicates). The tree was drawn to scale, with branch lengths calculated using the average 
pathway method and are in the units of the number of changes over the whole sequence. The 
analysis involved 11 nucleotide sequences. There were a total of 463 positions in the final 
dataset. Evolutionary analyses were conducted in MEGA5 (Tamura et al. 2011). 
 2.3. Standard protocol for growth experiments 
After obtaining pure cultures, all isolated strains were grown on BBM medium following a 
standardized cultivation protocol that used bubbling for aeration and mixing. The standard 
protocol can be briefly described as follows: All strains were inoculated from a recently 
grown saturated culture and cultured for 3–4 days to reach the end of the exponential growth 
phase before starting the standard growth experiment. This culture was used as inoculum at a 
ratio of 1/10 in volume in 400 mL bottles. The bottles were connected to a bubbling system.  
Cell density was determined daily by using a hemocytometer. Nitrate concentrations were 
also monitored daily until the nutrient levels reached zero by using a colorimetric assay (API 
test kit; Aquarium Parmaceuticals) and a spectrophotometer following the manufacturer’s 
instructions.  
Growth rates were calculated by the following equation (Levasseur et al. 1993) 
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𝐾′ =
 
𝑙𝑛
𝑁2
𝑁1
𝑡2 − 𝑡1
 
where N1 and N2 = cell counts at time 1 (t1) and time 2 (t2), respectively. 
Divisions per day can also be calculated once the specific growth rate is known.  
𝐷𝑖𝑣𝑖𝑠𝑖𝑜𝑛 𝑝𝑒𝑟 𝑑𝑎𝑦 =  
𝐾′
𝑙𝑛2
 
2.4. FAME analysis 
Samples for FAME analyses were collected when lipid accumulation reached its peak, 
normally after 3-4 days of nutrient starvation. A total of 4 mL of microalgal culture was 
collected and centrifuged at 8,000 g for 5 min. Biomass was collected and freeze-dried for 30 
min. Lipids in the microalgal pellet were hydrolyzed and methyl-esterified in 300 µL of a 2% 
H2SO4 in methanol solution for 2 h at 80°C. Prior to the reaction, 50 µg of heneicosanoic acid 
provided by Sigma, USA was added as internal standard. After the esterification step, 300 µL 
of 0.9 % (w/v) NaCl solution and 300 µL of hexane were added and mixed for 20 s. To 
separate the phase, samples were then centrifuged at 16,000 g for 3 min. A total of 1 µL of 
the hexane layer was injected into an Agilent 6890 gas chromatograph coupled to a 5975 
MSD mass spectrometer. The running conditions were followed using Agilent’s RTL 
DBWax method as described previously (Lim et al. 2012).  
 2.5. Protein analysis 
Protein contents in the algal biomass were measured following the protocol described by 
González López et al. (2010) with modifications. In brief, freeze-dried biomass (10 mg) was 
milled and protein was extracted by incubation in 10 mL lysis buffer (containing 5 mL L
-1
 of 
Triton X-100, 0.3722 g L
-1
 of ethylenediaminetetraacetic acid disodium salt, 0.0348 g L
-1
 of 
phenyl methyl sulfonyl fluoride) for 20 min. A 0.1 mL portion of this solution was placed in 
a 1.5 mL Eppendorf tube and 0.1 mL SDS solution was added and the mixture was vortexed. 
The mixture was then used for measurement of protein concentration following the protocol 
described in the CB-X Protein Assay Kit (G Biosciences).  
The spectrophotometric absorbance was converted to protein concentrations using a 
calibration curve established with a bovine serum albumin (BSA) standard (2 mg mL
-1
). The 
protein content of the biomass was calculated using the following equation: 
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𝑃𝑟𝑜𝑡𝑒𝑖𝑛 (%) = (
𝐶𝑉𝐷
𝑚
) 𝑋 100 
Where  
C = Protein concentration (mg L
-1
) obtained from the calibration curve 
V = Volume (L) of the lysis buffer used to resuspend the biomass 
D = Dilution factor 
M = Biomass (mg)  
2.6. Data analysis 
 
Data for growth rate, protein and lipid contents were analysed by one-way analysis of 
variance (ANOVA). Data are shown as mean values (± SD) from three measurements 
obtained from three separately grown microalgal cultures. Differences were considered 
significant when p values were below 0.05. 
 
3. Results  
3.1. Desmodesmus spp. and Scenedesmus spp. are abundant microalgae in the Northern 
Territory, Australia 
A total of 36 algal strains were isolated from 13 samples that were collected at different cattle 
stations in the Northern Territory, Australia. All strains were maintained in pure conditions 
for DNA extractions. The results of DNA sequencing show the classification of the species. 
All of the isolated species belonged to the Chlorophyceae and Trebouxiophyceae. Among 
these species, Desmodesmus sp., Scenedesmus dimorphus and Scenedesmus communis were 
the most abundant species in the samples. This reflects the wide adaptation ability in the 
tropical fresh waters of the Northern Territory (sampling range > 600 km distance). The 
morphology of six species that displayed rapid growth is illustrated in Figure 1. Following 
18S rRNA gene sequencing, the evolutionary relationship of eleven genetically distinct 
microalgal strains was inferred using the Maximum Parsimony method (Figure 2).  
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Figure 1 - Selected microalgae isolated from the Northern Territory, Australia, observed 
under a microscope. A: Scenedesmus sp. NT1d, B: Chlorella sp. NT8a, C: Tetraedron 
caudatum NT5, D: Scenedesmus dimorphus NT8c, E: Scenedesmus dimorphus NT8e, F: 
Graesiella emersonii NT1e. 
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Figure 2 - Maximum Parsimony analysis of taxa of isolated microalgae. Shown are genus, 
species (if applicable) and strain names, as well as Genbank entry accession numbers. The 
most parsimonious tree with a length of 96 is shown. The consistency index was 0.761905, 
the retention index was 0.83871, and the composite index was 0.707661 and 0.639017 for all 
sites and parsimony-informative sites, respectively. The percentage of replicate trees in which 
the associated taxa clustered together in the bootstrap test (200 replicates) is shown next to 
the branches.  
 
3.2. Selection of strains with rapid growth rates 
Microalgae from the Northern Territory that grew well in BBM medium were further 
characterized and six different strains were chosen for inclusion in the standard protocol. The 
results from Table 1 show that the specific growth rate of Chlorella sp. NT8a was highest, 
reaching 0.59 day
-1
, followed by Scenedesmus dimorphus NT8c and Scenedesmus dimorphus 
NT1d at 0.52 day
-1
and 0.48 day
-1
, respectively. The lowest growth rate among these strain 
belong to Tetraedron caudatum NT5 and Graesiella emersonii NT1e at 0.37 day
-1
 and 0.38 
day
-1
, respectively. The highest growth rate of Chlorella sp. NT8a was also shown in the data 
by divisions per day and productivity (Table 1). 
Table 1. Growth values of isolated microalgae from the Northern Territory selected for 
further experimentation. 
Species 
Growth rate 
(µ day
-1
) 
Divisions/ 
day 
Maximum cell 
density (x10
6 
cells mL
-1
) 
Biomass 
productivity 
(g L
-1 
day
-1
) 
Chlorella sp. NT8a 0.59 0.85 30.50 0.33 
Scenedesmus dimorphus NT8c 0.52 0.75 14.53 0.07 
Scenedesmus dimorphus NT8e 0.41 0.59 14.59 0.09 
Tetraedron caudatum NT5 0.37 0.53 4.57 0.02 
Scenedesmus sp. NT1d 0.48 0.69 4.69 0.03 
Graesiella emersonii NT1e 0.38 0.55 4.27 0.14 
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Figure 3. Growth curves of isolated microalgal strains from the Northern Territory. Shown 
are mean values and SEs from three separately-grown cultures each. 
 
The consumption of nitrogen as a nutrient source for growth is shown in Figure 4. The 
increase of biomass led to a decrease of nitrogen concentration. This is well illustrated by 
Chlorella sp. NT8a. The lag phase of this strain lasted to day 3 and was followed by an rapid 
growth phase until day 4 after which the cell density was maintained and slightly decreased 
(Figure 3). Nitrogen intake slightly decreased until day 3 and rapidly decreased below 
measurable levels after day 5. The growth rates of other strains were lower than Chlorella sp. 
NT8a and the time taken for nutrient depletion was longer.  
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Figure 4. Nitrogen depletion in cultivation of Northern Territory microalgae experiments. 
Shown are mean values and SEs from three separately grown cultures each. 
3.3. Cellular protein contents reached 33% 
Biomass of Scenedesmus dimorphus NT8c , Scenedesmus sp. NT1d and Chlorella sp. NT8a 
was collected after 5 days of cultivation. Biomass of other strains were collected after 6 days 
of cultivation. Among the five strains assayed, the highest protein content was found in two 
strains of Scenedesmus (Scenedesmus sp. NT1d: 33.08% DW; Scenedesmus dimorphus NT8c: 
22.66% DW; Figure 5). Tetraedron caudatum NT5‘s protein content (21.78% DW) was 
similar to that of Scenedesmmus dimorphus NT8c (Figure 5).  
 
Figure 5.  Protein contents (% DW) in five rapidly growing microalgal strains from the 
Northern Territory, Australia. Shown are mean values and SEs from three separately-grown 
cultures each. 
 
3.4. Fatty acid profiling and lipid productivity  
 
GC/MS analysis results revealed FAME profiles of the isolated strains (Table 2). Chlorella 
sp. NT8a was the highest FAME producer (116.9 µg mL
-1
 or 14% DW), followed by 
Scenedesmus dimorphus NT8e (99.13 µg mL
-1
 or 8.2 % DW) and Scenedesmus dimorphus 
NT8c (76.21 µg mL
-1
 or 9.5 % DW). The other strains accounted for from 6.08 % to 6.95 % 
DW. All analyzed strains produced saturated fatty acids, ranging from 27.05 to 32.58% of the 
FAMEs; especially C16:0 was the major saturated fatty acid produced by all strains. 
0 5 10 15 20 25 30 35 40
Graesiella emersonii NT1e
Chlorella sp. NT8a
Tetraedron caudatum NT5
Scenedesmus dimorphus NT8c
Scenedesmus sp. NT1d
Protein (% DW) 
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Unsaturated fatty acids were abundant and ranged from 67.42 to 72.95% of total fatty acids, 
mostly C18:1, C18:2 and C18:3 (α-linoleic acid - ALA).  
 
There was no detection of other valuable unsaturated fatty acids in the isolated strains, such 
as EPA (eicosapentaenoic acid C20: n5) or DHA (docosahexaenoic acid C22: n6). Lipid 
productivity among the six strains differed from strain to strain. Chlorella sp. NT8a produced 
the highest amount of triglyceride lipid, 14.61 μg mL-1day-1, followed by Scenedesmus 
dimorphus NT8e, 12.39 μg mL-1day-1, Graesiella emersonii NT1e, 9.99 μgmL-1day-1, and 
Scenedesmus dimorphus NT8c, 9.53 μg mL-1day-1. Two other strains, Scenedesmus sp. NT1d 
and Tetraedron caudatum NT5, displayed the lowest lipid productivity, 3.17 μg mL-1day-1and 
2.71 μg mL-1day-1, respectively. 
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Table 2. Fatty acids composition in percentage of total FAME components from Northern 
Territory microalgae. 
Fatty acids 
Chlorella 
sp. NT8a 
Graesiella 
emersonii 
NT1e 
Tetraedron 
caudatum 
NT5 
Scenedesmus 
sp. NT1d 
Scenedesmus 
dimorphus 
NT8e 
Scenedesmus 
dimorphus 
NT8c 
Lauric (C12:0) 0.30 0.25 0.27 0.26 0.26 0.22 
Myristic (C14:0) 0.69 0.09 0.05 1.22 0.23 0.18 
Palmitic (C16:0) 33.43 18.79 7.16 9.31 27.94 22.21 
Palmitoleic (C16:1) 2.89 2.39 1.43 1.15 2.13 1.90 
Hexadecadienoic 
(C16:2) 
2.34 2.40 0.42 0.47 1.15 0.71 
Stearic (C18:0) 1.03 2.04 0.46 0.23 1.91 1.59 
Oleic (C18:1) 15.09 23.79 6.13 9.24 34.49 24.45 
Linoleic (C18:2) 22.29 11.04 3.45 5.48 9.43 6.29 
Linolenic (C18:3) 38.85 18.36 11.77 10.38 20.37 17.71 
Arachidic (C20:0) 0.00 0.20 0.00 0.00 0.40 0.31 
Paullinic (C20:1) 0.00 0.29 0.00 0.00 0.43 0.33 
Arachidonic 
(C20:4) 
0.00 0.00 0.00 0.00 0.00 0.00 
Eicosapentaenoic 
(C20:5) 
0.00 0.00 0.00 0.00 0.00 0.00 
Behenic (C22:0) 0.00 0.23 0.33 0.27 0.39 0.32 
Lignoceric (C24:0) 0.00 0.00 1.01 0.00 0.00 0.00 
Total FAMEs (μg 
mL
-1
) 
116.90 79.90 32.49 37.99 99.13 76.21 
Total FAMEs  (% 
DW) 
14.0 6.95 6.5 6.08 8.2 9.5 
Saturated fatty acids 
(%) 
30.32 27.05 28.57 29.67 31.4 32.58 
Unsaturated fatty 
acids (%) 
69.68 72.95 71.43 70.33 68.6 67.42 
Lipid productivity 
(μg mL-1day-1) 
14.61 9.99 2.71 3.17 12.39 9.53 
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4. Discussion 
For a microalgae-based nutrient or oil industry, selection of strains that have high content of 
protein and lipid is a high priority to achieve commercial production (Lim et al. 2012). Apart 
from the strain, environmental conditions are the main factors effecting the quantity and 
quality of microalgal biochemical compounds (Renaud et al. 1994; Salama et al. 2013). In 
addition, potential strains should be amenable for easy extraction of the biochemical 
compounds and should be easy to grow in the local environment. Thus indigenous strains are 
preferred in terms of expected stable growth, high adaptability for survival and productivity. 
The results show that freshwater microalgae that belong to Chlorophyceae and 
Trebouxiophyceae were found in almost all Northern Territory samples. The representative 
species are Scenedesmus dimorphus, Scenedesmus sp., Scenedesmus armatus, 
Chlamydomonas sp. and Chlorella sp.  In previous research, Renaud et al. (1994) isolated 
Chlorella sp., Scenedesmus dimorphus and Chlamydomonas sp. in the Alligator River region 
of the Northern Territory. In present study, besides the strains that Renaud et al. found, we 
also found some other strains that were abundant in the samples and grew well in BBM 
medium, such as Tetraedron caudatum NT5 and Graesiella emersonii NT1e. Specific growth 
rate of Chlorella sp. NT8a was higher than previously reported by Lim et al. (2012) and 
similar to results of Seow et al. (2010).  
It is clear that optimal growth conditions cannot be achieved under the standard laboratory 
conditions applied for the experiments described. However, this was the only way to allow a 
direct comparison of the strains and to identify the best possible candidates. To enable a 
direct comparison of growth rates, the maximal growth rate under exponential growth 
conditions were chosen, a state that could possibly be achieved during mass cultivation. 
However, some strains grow very slowly and it was difficult to determine the exponential 
phase, e.g. for strains Graesiella emersonii NT1e, Tetraedron caudatum NT5, Scenedesmus 
sp. NT1d. This automatically also indicates that these strains are not suitable for mass 
cultivation and are therefore excluded from further research. 
The protein contents measured in the current study were within the range (11-46% DW) for 
freshwater algae reported by Boyd (1973). However, higher protein contents compared to the 
current study were reported in Chlorella and Scenedesmus strains (Becker 2007; Brown 
1991; Christaki 2011). No reports of protein contents in Tetraedron and Grasiella strains 
have been published so far. The differences can be due to the variations in culture conditions 
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as factors such as the level of illumination (continuous or 12:12 light:dark cycle), availability 
of nutrients, growth phase of the algae etc. can cause different levels of production of 
proteins (González López et al. 2010; Hempel et al. 2012). Nitrogen is one of the main 
source and the most important nutrient for protein synthesis. Nitrate was used the preferred 
fertilizer, as it is a cheaper source of nitrogen compared to ammonium-based fertilisers. 
However, nitrogen as nitrate will require algae to invest energy for nitrate reduction, thus, 
protein synthesis maybe negatively affected (Marilda et. al. 2006). The difference can also be 
due to the differences in protein measurements as the pretreatment methods and subsequent 
measurement protocol can significantly affect protein contents in different microalgal strains 
(González López et al. 2010). 
All of the selected strains can produce lipids well. For the highest lipid producer, Chlorella 
sp. NT8a, the total fatty acid content and lipid productivity from this study was lower than 
shown for Chlorella by Chisti (2007) (28–32% DW) but higher than previously reported for 
the same strain by Lim et al. (2012), possibly because BBM medium is considered a better 
medium for green algae than f/2 medium (Kirrolia et al. 2012). For the FAME components, 
methyl palmitate (C16:0), methyl oleate (C18:1), methyl linoleate (C18:2) and methyl 
linolenate (C18:3) were the main components of the total FAMEs analyses. The results are 
comparable to reported research by Tang et al. (2011) with Chlorella minutissima. Of 
relevance to biodiesel production from the FAME profiling results is the high content of 
linolenic fatty acid methyl ester, reaching an average of 30%. This fatty acid has a high 
oxidative stability that otherwise may lead to poor stability of fuel (Chisti 2007). However, 
fatty acids components can be affected by cultivation factors such as light intensity and 
nutrients. For instance, C18:3 can be decreased under cultivation conditions of red light and 
N starvation (Hu et al. 2008; Tang et al. 2011). The lipid profile can be changed based on 
growth conditions, especially it has been demonstrated numerous times that lipid contents 
increases if stress conditions of nutrient starvation, UV radiation, temperature are applied 
(Boyd 1973; Lim et al. 2012; Sharma et al. 2012,  2014).  
Selection of microalgae for biodiesel production is not only based on growth rate but also on 
lipid production (together showing the lipid productivity) and suitable fatty acid profiles. 
Chlorella sp. NT8a, Scenedesmus dimorphus NT8c and Scenedesmus dimorphus NT8e have 
both high growth rates and lipid contents, especially unsaturated fatty acid content and may 
present suitable freshwater candidates for biodiesel production. The standard protocol used in 
the present study also uses a nutrient starvation phase and determined experimentally 
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triglyceride contents and fatty acid profiles at their likely peak. A preliminary understanding 
of the lipid profile is very useful in selection of potential candidates for larger cultivation. 
However, the application of these strains for biofuel production requires more research and 
careful optimization in order to stimulate lipid accumulation. It should be pointed out that this 
study was designed to isolate, characterize and directly compare potential strains for the 
selection of lipid-rich biomass producers under standard (unoptimized) growth conditions.  
Careful optimization will be required for each strain to improve lipid productivities. In 
addition, outdoor cultivation will be affected by variable light conditions, temperature 
variations, salinity changes, etc. The best microalgae performers at laboratory scale may face 
these difficulties when subjected to outdoor conditions. In our experience, the biggest 
challenge for microalgae when transitioning from laboratory to outdoor conditions is the 
increased solar irradiation. This requires initial partial shading, to allow for adaptation. 
Indigenous strains are expected to have a local advantage and were considered more 
appropriate for outdoor cultivation.The other point of interest analyzed in this study 
concerned the ability of Northern Territory microalgae to accumulate high levels of protein. 
In particular, Scenedesmus sp. NT1d, Scenedesmus dimorphus NT8c showed high protein 
productivities and if amenable to large-scale production could be promising sources for 
protein-rich animal feed supplement.  
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CHAPTER 6 
 
In the previous chapters, my study investigated lipid profiles and/or protein accumulation 
from microalgae in the environment and at laboratory-scale for which a standard protocol 
was followed for better comparison. As mentioned in Chapter 1 and Chapter 3, microalgae 
can be induced to produce lipid and protein under different cultivation conditions, especially 
under extreme conditions. The selection of microalgal strains in brackish, seawater and 
freshwater in previous chapters identified three strains that have a high growth capacityand 
promising high protein and lipid accumulation potential. Although it is very difficult to 
identify the strain that can have all desirable traits, I hypothesized that a variation of 
environmental factors can lead to high productivities of desirable compounds. The most 
important factors that had been used in the following chapter include differences of pH, 
nutrient contents and temperature.  The purpose of this chapter was to provide a guideline for 
optimal growth conditions, as a starting point for large-scale production where only one or 
two parameters can be tested. 
Cultivation conditions under indoor and outdoor conditions are completely different and this 
may lead to large differences of biochemical compound accumulation. The best outdoor 
strain should fulfil the requirements of high adaptation to changes of outdoor environmental 
conditions and high productivity of desirable compounds, but also of easy and low-cost 
harvesting. The most cost-effective method of harvesting is by gravity settling which needs to 
be tested for the above selected strains. This chapter tests and evaluates the three strains 
mentioned above for their potential to grow and produce valuable compounds under outdoor 
conditions, as well as their harvesting potential by gravity settling.   
Highlights: 
 Temperature, pH and nutrients were evaluated as parameters for 
three selected strains to test for their tolerance. 
 When exposed to temperatures from 20°C to 40°C, protein and 
lipid contents reached the highest values at the higher 
temperatures of 30°C or 35°C for Chlorella sp. NT8a, Chlorella 
sp. BR2 and Scenedesmus dimorphus NT8e. 
 pH values did not remain steady during the experiment compared 
to the initial set up. After a few days of microalgae cultivation, 
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media became alkaline and remained at pH values from 9 to 10. 
When testing pH values from 6 to 10, they did not have a major 
effect on growth, lipid and protein accumulation of the strains.  
 Large-scale outdoor cultivation of Scenedesmus dimorphus NT8e 
improved remarkably protein and total FAMEs contents and 
productivities. An increase of 38.4% for protein and 53.5% for 
lipid productivity was measured compared to indoor cultivations. 
The underlying reason is most likely the improved light 
conditions in outdoor settings. 
PART 1: OPTIMISATION OF CULTIVATION CONDITIONS FOR INDUCING 
PROTEIN AND LIPID ACCUMULATION IN THE MICROALGAE CHLORELLA 
SP. NT8A, CHRORELLA SP. BR2 AND SCENEDESMUS DIMORPHUS NT8E 
1. Introduction 
Microalgal strains were selected based on their ability to accumulate lipid, protein or high 
value products. Accumulation of these products is typically the highest under optimal 
cultivation conditions.  Optimisation of cultivation systems not only supports higher biomass 
productivity but also minimises cost of specific end products. Thus, this is a crucial step that 
needs to be taken into account during the screening process (Brennan and Owende 2010; 
Schenk et al. 2008). 
Optimisation of cultivation conditions relates to factors that affect both growth and 
accumulation of biochemical compounds. These include temperature, salinity, pH, nutrients 
and light intensity. Some other factors that induce lipid production in microalgae are UV light 
and CO2 supply (Guihéneuf et al. 2010; Sharma et al. 2014; Nakanishi et al. 2014). 
Experimentation with different sources of nutrients in a controlled environment is a primary 
approach taken by the vast amount of reported research on microalgae growth. However, the 
best nutrient conditions should satisfy to achieve maximum biomass productivity and high 
desirable product contents. For instance, lipid-producing microalgal strains need high 
amounts of nutrients for growth at log phase but they need a limited amount of nutrients 
during lipid accumulation (Singh and Kumar 1992). Relating to the cost of production, 
wastewater also is an option for a nutrient source for microalgae growth. Fresh water sources 
95 
 
are limited in many countries and recycling of different wastewaters for biomass production 
can be challenging (Aslan and Kapdan 2006; Bogan 1961; Mahapatra et al. 2013).  
Most algae cultivation experiments are conducted indoor under room temperature at around 
25°C. Many microalgae can grow at a wide temperature range from 15°C to 35°C. Some 
strains can survive at higher temperatures. As temperatures in open pond systems in tropical 
and subtropical climates often exceed 35°C during the middle of the day, a tolerance to high 
temperatures is one of the selection criteria for growth optimisation studies in large-scale 
algae farms. In addition, temperature is considered an active catalyst to speed up biochemical 
reactions in microalgal cells and hence generally improves growth rates (Renaud et al. 2002).   
In this chapter, optimisation of microalgae cultivation was studied based on data obtained 
from environmental analyses in the field (Chapter 2) and environmental conditions at the 
algae farm at Pinjarra Hills - Brisbane. Growth of Chlorella sp. NT8a, Chlorella sp. BR2 and 
Scenedesmus dimorphus NT8e cultures was studied under a wide range of temperatures from 
20°C to 40°C and pH variation from 6 to 10. Nitrogen concentrations were also tested to 
minimise the cost of nutrient supply in the cultivation process. 
  
2. Materials and methods 
2.1.  Strain selection 
The research experiments focused on optimisation of growth, biomass productivity, protein 
and fatty acids accumulation. The strains were selected based on the following criteria: 
growth, adaptability to variable environmental conditions, high protein and high lipid 
contents. Three microalgal strains were selected based on these criteria. They are all green 
microalgal strains, including Chlorella sp. NT8a, Chlorella sp. BR2 and Scenedesmus 
dimorphus NT8e (Table 1). 
Table 1. Classification of Chlorella sp. NT8a, Chlorella sp. BR2 and Scenedesmus 
dimorphus NT8e. 
Domain Eukaryota Eukaryota Eukaryota 
Kingdom Plantae Plantae Plantae 
Division Chlorophyta Chlorophyta Chlorophyta 
96 
 
Class Trebouxiophyceae Trebouxiophyceae Chlorophyceae 
Order Chlorellales Chlorellales Sphaeropleales 
Family Chlorellaceae Chlorellaceae Scenedesmaceae 
Genus Chlorella Chlorella Scenedesmus 
Species/strain Chlorella sp. NT8a Chlorella sp. BR2 Scenedesmus 
dimorphus NT8e 
Scenedesmus dimorphus NT8e was chosen for outdoor cultivation not only based on protein 
and lipid productivities, but especially because it could be harvested by settling. Chlorella sp. 
BR2 served as a reference strain to benchmark its performance.  
2.2.  Growth rates 
Growth rate experiments were based on an updated standard screening protocol for growth 
and lipid induction developed at the Algae Biotechnology Lab of the University of 
Queensland (Lim et al. 2012). A total of 5 mL of algae culture was inoculated to 150 mL 
BBM medium in 250 mL flasks. The triplicate cultures were mixed by air bubbling. The light 
was controlled based on 16h:8h light dark cycle at 25 ± 1°C and 120 μmol photons m-2s-1. 
Growth was monitored by taking 1 mL of sample every 2 days and measuring optical density 
(OD) on a spectrophotometer at 440 nm.  
The growth rate was calculated by following the equation (Levasseur et al. 1993). 
 
𝐾′ =  
𝑙𝑛
𝑁2
𝑁1
𝑡2 − 𝑡1
 
 
Where N1 and N2 = biomass at time 1 (t1) and time 2 (t2), respectively. 
The doubling time was calculated as follows: 
 
𝐷𝑜𝑢𝑏𝑙𝑖𝑛𝑔 𝑡𝑖𝑚𝑒 =  
𝑙𝑛2
𝐾′
 
 
2.3.  Temperature experiments  
Temperatures were set up at 20°C, 25°C, 30°C, 35°C and 40°C in a culturing cabinet. 
Triplicates of algae cultures were grown under these conditions.   
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2.4.  Nutrient stress experiments 
Nitrogen is one of the most important nutrient components that affect growth of microalgae. 
In the experiments, three different nitrogen concentrations were adjusted based on BBM 
medium. The relative concentrations were lower and higher than the normal nitrogen 
concentration in BBM medium. The cultures were grown with 1500 µM (L), 2800 µM (M) 
and 5500 µM (H) of nitrate. 
2.5.  pH stress experiments 
Three microalgal strains were grown at pH 6, 7, 8, 9 and 10. These pH value experiments 
were applied on each of the different temperatures as described above. 
2.6.  FAMEs analysis 
A total of 4 mL of microalgal culture was collected and centrifuged at 8,000 g for 5 min. 
Biomass was collected and dried by a vacuum pump for 30 min. Lipids in the microalgae 
pellet were hydrolysed and methyl-esterified in 300 µL of a 2% H2SO4 and methanol solution 
for 2 h at 80°C. Before the reaction, 50 µg of heneicosanoic acid (Sigma, USA) was added as 
internal standard. After the esterification step, 300 µL of 0.9% (w/v) NaCl solution and 300 
µL of hexane were added and mixed for 20 s. To separate the phase, samples were then 
centrifuged at 16,000 g for 3 min. A total of 1 µL of hexane layer was injected into an 
Agilent 6890 gas chromatograph coupled to a 5975 MSD mass spectrometer. The running 
conditions were described by Agilent’s RTL DBWax method (Lim et al. 2012).  
2.7.  Protein analysis 
Protein contents in the algal biomass were measured following the protocol described by 
López et al. (2010) with modifications. In brief, freeze-dried biomass (~10 mg) was milled 
and protein was extracted by incubating in 10 mL lysis buffer (containing 5 mL L
-1
 of Triton 
X-100, 0.3722 g L
-1
 of ethylenediaminetetraacetic acid disodium salt, 0.0348 g L
-1
 of phenyl 
methyl sulfonyl fluoride) for 20 minutes. A 0.1 mL portion of this solution was placed in an 
Eppendorf tube and 0.1 mL SDS solution (0.05 gL
-1
 sodium dodecyl sulphate) was added and 
the tube was mixed by vortexing. The mixture was then used for measurement of protein 
concentrations following the protocol described in the CB-X Protein Assay Kit (G 
Biosciences).  
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The spectrophotometric absorbance was converted to protein concentrations using a 
calibration curve established with a BSA standard (2 mg mL
-1
). The protein content of the 
biomass was calculated using the following equation: 
𝑃𝑟𝑜𝑡𝑒𝑖𝑛 (%) = (
𝐶𝑉𝐷
𝑚
) 𝑋 100 
where  
C = Protein concentration (mg/L) obtained from the calibration curve 
V = Volume (L) of the lysis buffer used to resuspend the biomass 
D = Dilution factor 
m = dry weight biomass (mg).  
Algal culture at early stationary phage was collected in 50 mL Falcon tubes. After 
centrifugation, biomass was dried in a freeze-drier for 48 h. 
2.8. Data analysis 
 
All of the experiments were conducted by using biological replicates. The data were analysed 
on Microsoft Excel 2010. Shown are mean values ± SD from three separately-grown cultures.  
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3. Results and discussion 
3.1. Chlorella sp. NT8a 
3.1.1. Growth 
Chlorella sp. NT8a grows very well in BBM medium. However, the growth was effected by 
environmental changes such as pH, temperature and nutrients (Figure 1). Growth rate was 
measured from the pH 6 experiment were lower than the other pH experiments at all 
temperature experiments. Growth rate achieved highest at 25°C. At 20°C, 25°C and 30°C 
there were no significant differences in growth rates of the growth at pH 7, 8, 9 and 10. 
However, at 35°C and 40°C, there were differences of growth rates among these pH 
experiments. For instance, at 35°C, growth rates were highest during the 10 days experiment 
at pH 9. Then, lower values were measured for pH 7, 8 and 10. At 40°C, the highest growth 
rates were achieved at pH 10, and lower values were measured for pH 7, 8 and 9.  
For the nitrogen experiments at 20°C, growth rates were highest under high nitrogen 
conditions (H) from day 6 of the experiment, compared to the lower M and L nitrogen 
conditions (Figure 2). However, for the rest of the temperature experiments, growth rates 
showed a trend to be highest at the M concentration compared to the L and H concentrations. 
Thus, M nitrogen level could be optimized preferred nitrogen concentration for the growth of 
the experimental strains. 
Before the experiment, the microalgal strains were inoculated to ensure the strains were 
healthy and adapted quickly to the new experimental conditions. There were no significant 
differences of growth rates between pH values. Figure 1 below shows that at 25°C, Chlorella 
sp. NT8a grew best, average growth rates were from 0.38 µ day -1 to 0.39 µ day -1. The 
exponential phase was observed from day 0 to day 2 of the experiment. 
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Figure 1.  Growth rates of Chlorella sp. NT8a at medium nitrogen level and on different 
conditions of pH and temperatures. Shown are mean values ±SD from three separately grown 
cultures. 
In the nitrogen concentration experiment, the average growth rate of Chlorella sp. NT8a was 
highest at 25°C, about from 0.38 µ day -1 to 0.39 µ day -1, similar to result obtained with the 
pH experiments. A high level of nitrogen was important for growth at 20°C and 25°C and 
medium nitrogen level was sufficient for growth at 30°C, 35°C and 40°C (Figure 2). 
 
 
 
 
 
 
 
 
 
 
Figure 2. Growth rates of Chlorella sp. NT8a at pH 7 under different temperatures and 
different conditions of nitrogen contents in the medium. Shown are mean values ±SD from 
three separately grown cultures. 
3.1.2. Productivity 
For microalgae production, productivity is an important factor that should be taken into 
consideration. Productivity was calculated based on dry weight biomass collected at early 
stationary phase of microalgae growth. Under stressed environmental conditions, algae grown 
healthily and productively will lead to a good productivity. From the graph below (Figure 3), 
it is obvious that productivity of Chlorella sp. NT8a changed caused by varietions in 
temperatures, pH values and nitrogen levels. Maximum productivity of this strain reached 
146.78 mg L
-1 
day
-1
 at 25°C and pH 9 at medium nitrogen levels. Overall, at temperatures of 
25°C, 30°C and 35°C and pH values at 7, 8, 9 and 10, productivities of Chlorella sp. NT8a 
ranged from 81.4 mg L
-1 
day
-1
 to 146.78 mg L
-1 
day
-1
. For the temperatures 20°C and 40°C, 
the productivity was much lower than under the above conditions (Figure 3). 
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For the tests of the effects of nitrogen and temperature on growth of the strain, at 25°C, 30°C 
and 35°C, medium nitrogen level of BBM was the best for the growth. It reached highest 
productivity of 98.3 mg L
-1 
day
-1
 at 25°C and the lower values of 90.1 mg L
-1 
day
-1
 and 81.4 
mg L
-1 
day
-1
 at 30°C and 35°C, respectively. At 20°C, the high nitrogen concentration was 
superior for growth of the strain. The productivity was 77.25 mg L
-1 
day
-1
 at this condition 
and was lower for normal and low nitrogen concentrations, at 43.4 mg L
-1 
day
-1
 and 37 mg L
-1 
day
-1
, respectively (Figure 4). 
 
 
 
 
 
 
 
 
 
Figure 3. Productivity of Chlorella sp. NT8a at medium nitrogen levels under different 
conditions of pH and temperatures. Shown are mean values ±SD from three separately grown 
cultures. 
 
 
 
 
 
 
 
 
 
Figure 4. Productivity of Chlorella sp. NT8a at pH 7 and at different temperatures and 
nitrogen concentrations in the medium. Shown are mean values ±SD from three separately 
grown cultures. 
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3.1.3. Protein  
Total protein contents were in the range from 25.68 % to 53.42 % (based on dry weight). The 
highest contents were identified at pH 6 at 35°C and 40°C with 53.42 % and 51.81 %, 
respectively.  At 40°C and pH values from 6 to 10, protein contents were higher than the 
other temperature experiments (Figure 5). 
Differences of nitrogen levels did not affect much the protein production of the strain in 
general. However, if the temperature increased to 35°C or 40°C, protein could be produced at 
a slightly higher rate (Figure 6). 
 
 
 
 
 
 
 
 
 
 
Figure 5. Protein contents of Chlorella sp. NT8a cultured in medium nitrogen levels and 
under different conditions of pH and temperatures. Shown are mean values ±SD from three 
separately grown cultures. 
 
 
 
 
 
 
 
 
 
Figure 6. Protein contents of Chlorella sp. NT8a at pH 7 and under different conditions of 
103 
 
0
5
10
15
20
25
30
35
40
pH7 pH8 pH9 pH10
%
D
W
 
T25
T30
T35
nutrients and temperatures. Shown are mean values ±SD from three separately grown 
cultures. 
3.1.4. Fatty acids 
After maintaining the culture of Chlorella sp. NT8a during 3 days of starvation, samples were 
collected for lipid analysis by profiling and quantifying FAMEs through GC/MS. Following 
FAME analysis as shown in Figure 7, total fatty acid contents produced by the strain varied 
under different conditions of pH and temperatures.  
At 30°C, the total fatty acid content (determined by FAME analysis) was higher than the 
amount produced at 25°C and 35°C, especially at pH 7, pH 8 and pH 9, the contents reached 
30.14%, 29.17% and 28.46%, respectively, significantly higher than the fatty acid content 
reached at pH 10 of 21.77%. 
At 25°C, total fatty acids produced ranging from 9.25% to 20.00%. Fatty acid contents 
produced at 35°C were higher than those produced at 25°C and were lower than those under 
30°C conditions. The maximum fatty acid content of 21.07% was achieved at pH 9.  
Unsaturated fatty acids were produced in much higher amounts than saturated fatty acids in 
all experiments. Unsaturated fatty acids contents ranged from 80.77% to 96.58%. There is a 
relationship of saturated fatty acids contents and temperature. As shown in Table 3, increasing 
temperature led to an increase of unsaturated fatty acids contents.  
Chlorella sp. NT8a produced a high content of α-linolenic acid (ALA). At 25°C, ALA 
content produced at pH 7 reached 39.7% and decreased gradually with increasing pH values 
to 28.76% at pH 10. Similarly, at 30°C, the ALA content reached 44.34% at pH 7 and 
decreased to 29.98% at pH 10. At 35°C, ALA reached 50.81% and decreased to 31.49% at 
pH 8, 31.77% at pH 9 and 33.94% at pH 10. In addition, Chlorella sp. NT8a produced small 
amounts of docosahexaenoic acid (DHA). The value varied from 0.97% to 2.73% (Table 3). 
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Figure 7. Total fatty acid contents (determined by FAME analysis) of Chlorella sp. NT8a 
cultured at medium nitrogen levels and under different conditions of pH and temperatures. 
Shown are mean values ±SD from three separately grown cultures 
3.2. Chlorella sp. BR2 
3.2.1. Growth rates 
Chlorella sp. BR2 grew very well in all experiments. At 25°C, the strain’s growth rate was 
highest compared to other temperature conditions. The highest growth rate at this condition 
reached 0.334 µ day -1 for pH 6. There were slightly different growth rates at this temperature 
for pH 7, 8, 9 and 10, reaching 0.327, 0.313, 0.321 and 0.313, respectively. Growth rates 
were lower respectively at 20°C, 30°C, 35°C and 40°C (as shown in Figure 8 below). pH 
values did not affect significantly the growth of this strain overall. 
 
 
 
 
 
 
 
 
 
 
Figure 8. Average growth rates of Chlorella sp. BR2 cultured at medium nitrogen levels and 
under different conditions of pH and temperatures. Shown are mean values ±SD from three 
separately grown cultures. 
In the nutrient experiments, Chlorella sp. BR2 grew best at 25°C at all three nitrogen levels. 
The highest growth rate among the three nitrogen concentrations was at a medium level of 
nitrogen (normal nitrogen content as in BBM), reaching 0.327 µ day -1. At the other 
temperatures, a medium nitrogen level was also the optimum concentration for the best 
growth of Chlorella sp. BR2. The strain could grow at 40°C but the growth rate was much 
lower compared to the other temperatures tested (Figure 9).  
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Figure 9. Average growth rates of Chlorella sp. BR2 cultured at pH 7 and under different 
temperatures and nitrogen concentrations in the medium. Shown are mean values ±SD from 
three separately grown cultures. 
3.2.2. Productivity 
Biomass productivity of Chlorella sp. BR2 achieved the highest values at pH 9 and pH 10 at 
35°C. They were 170.11 mg L
-1 
day
-1
 and 156.67 mg L
-1 
day
-1
, respectively. For the rest of the 
other temperature experiments, pH 8, 9 and 10 provided good conditions to achieve high 
productivities for this strain (Figure 10). 
The medium nitrogen content in BBM medium was highly suitable for the growth of 
Chlorella sp. BR2 at 30°C and 35°C (Figure 11). The productivities were 69.1 mg L
-1
 day 
-1
 
and 89.0 mg L
-1
 day 
-1
, respectively. However, at 20°C and 25°C, low nutrient levels could 
stimulate growth better of this strain in this case (Figure 11). 
 
 
 
 
 
 
 
 
 
Figure 10. Productivity of Chlorella sp. BR2 cultured at medium nitrogen levels and under 
different conditions of pH and temperatures. Shown are mean values ±SD from three 
separately grown cultures. 
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Figure 11. Productivity of Chlorella sp. BR2 cultured at pH 7 and under different conditions 
of nitrogen levels and temperatures. Shown are mean values ±SD from three separately 
grown cultures. 
3.2.3. Protein 
Average protein contents at cultivation temperatures of 20°C, 25°C and 30°C were in the 
range of 26.71% to 39.58%, except at 20°C and pH 7 where protein reached 57.87% (Figure 
12). The range of total protein contents at 35°C and 40°C was generally higher, reaching 
59.96%. The highest values of these temperatures were achieved at pH 6, but for other pH 
experiments, protein contents did not change significantly (Figure 12). 
 
 
 
 
 
 
 
 
 
 
Figure 12. Protein contents of Chlorella sp. BR2 cultured at medium nitrogen levels and 
under different conditions of pH and temperatures. Shown are mean values ±SD from three 
separately grown cultures. 
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Figure 13. Protein of Chlorella sp. BR2 cultured at pH 7 and under different conditions of 
nitrogen levels and temperatures. Shown are mean values ±SD from three separately grown 
cultures. 
As mentioned above, protein contents increased at temperatures of 35°C and 40°C. For 
nutrient experiments, Chlorella sp. BR2 generally produced more protein at 35°C, 
irrespective of nitrogen levels (Figure 13). The highest value reached 64.74% for the high 
nitrogen experiment and 60.16 % for the low nitrogen experiment. Under different 
experimental conditions, protein contents ranged from 27.94% to 57.86% (Figure 13). 
3.2.4. Fatty acids 
GC/MS analysis data revealed that fatty acid production of Chlorella sp. BR2 was slightly 
changed under different pH and temperature conditions (Figure 14). At 25°C, the contents 
fluctuated slightly from 23.28% to 27.26% of dry weight. At 30°C, the fatty acid contents 
increased from 17.62% to 30.01% with a trend towards increasing pH values. At 35°C the 
values fluctuated slightly and ranged from 17.46% to 21.26% (Figure 14). 
Chlorella sp. BR2 produced both, saturated and unsaturated fatty acids. For different pH 
values, saturated fatty acids ranged at 25°C from 10.23% to 13.33%, at 30°C from 10.57% to 
16.04% and at 35°C from 13.62% to 14.82%. The percentage of unsaturated fatty acids 
reached 86.67% to 89.77%, 83.96% to 89.43% and 85.18% to 86.38% at 25°C, 30°C and 
35°C, respectively. The major saturated fatty acid was C16:0 and the major unsaturated fatty 
acids were C16:1, C16:3, C18:2 and C18:3 (Table 4). 
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One of the important omega-3 fatty acids was found in Chlorella sp. BR2. α-Linolenic 
acid (ALA) was detected with high proportions. At 25°C, the content reached 40.05% and 
decreased by increasing of pH to 35.73% at pH 10. At 30°C, ALA reached 38.01% at pH 7 
and decreased to 28.69% at pH 10. The trend is similar at 35°C, ALA contents decreased 
from 34.94% at pH 7 to 28.35% at pH 10. There was no detection of DHA in Chlorella sp. 
BR2 in the experiments (Table 4). 
 
 
 
 
 
 
 
 
 
 
 
Figure 14. Fatty acids contents (% dry weight) of Chlorella sp. BR2 cultured at medium 
nitrogen levels and under different conditions of pH and temperatures. Shown are mean 
values ±SD from three separately grown cultures. 
3.3. Scenedesmus dimorphus NT8e 
3.3.1. Growth rates 
Figure 15 show that there were not significant effects of pH values on the growth of 
Scenedesmus dimorphus NT8e and there was a slight effect of nitrogen levels on the growth. 
The highest value for average growth rates were measured at 25°C, namely 0.375 µ day-1 at 
pH 6 and 0.372 µ day-1 at pH 9. At 40°C, Scenedesmus dimorphus NT8e grew slowly over the 
cultivation period and reached the highest value of growth rate of 0.01 µ day-1 at pH 10. It is 
obvious that temperature is a crucial factor for growth of Scenedesmus sp. and the favorable 
temperature for growth of Scenedesmus dimorphus NT8e was 25°C,  
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Figure 15. Growth rates of Scenedesmus dimorphus NT8e cultured at medium nitrogen 
levels and under different conditions of pH and temperatures. Shown are mean values ±SD 
from three separately grown cultures. 
 
 
 
 
 
 
 
 
 
Figure 16. Growth rates of Scenedesmus dimorphus NT8e cultured at pH 7, different 
nitrogen levels and temperatures. Shown are mean values ±SD from three separately grown 
cultures. 
 
There were some slight differences on growth rates in the nitrogen level experiments for each 
particular temperature. The average growth rate was higher at the normal nitrogen 
concentration of BBM (M). However, this difference is not significant. It was again obvious 
that a temperature of 25°C was the best for growth of this strain; the highest value reached 
0.368 µ day-1 (Figure 16). 
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3.3.2. Productivity 
Productivity of Scenedesmus dimorphus NT8e varied under particular experimental 
conditions. It was highest (108.1 mg L
-1 
day
-1
) at pH 9 and reached the lowest value of 18.6 
mg L
-1 
day
-1
 at pH 6 (Figure 17). At 25°C, productivity did not change significantly for 
cultures at pH 8, 9 and 10.  pH 7 was favorable for growth at this temperature and the 
productivity reached 91.4 mg L
-1 
day
-1
. 
 
 
 
 
 
 
 
 
 
Figure 17. Productivity of Scenedesmus dimorphus NT8e cultured at medium nitrogen levels 
and under different conditions of pH and temperatures. Shown are mean values ±SD from 
three separately grown cultures. 
 
 
 
 
 
 
 
 
 
Figure 18. Productivity of Scenedesmus dimorphus NT8e cultured at pH 7 and different 
temperatures and nitrogen contents in the medium. Shown are mean values ±SD from three 
separately grown cultures. 
For nutrient level experiments, the productivity of Scenedesmus dimorphus NT8e at 30°C, 
35°C and 40°C did not significantly change (Figure 18). The highest productivity was at 
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20°C under low nutrient conditions with 96.2 mg L
-1 
day
-1
. A lower productivity was also 
measured at 91.4 mg L
-1 
day
-1
 at 25°C at medium nitrogen levels (Figure 18). 
 
3.3.3. Protein 
Scenedesmus dimorphus NT8e produced protein within the range of 16.65 % to 42.7% under 
different conditions of temperatures and pH (Figure 19). The total protein content at 35°C 
ranged from 29.73% to 42.7%, and the highest value was reached at pH 7. Under 35°C 
cultivation condition, protein was produced at a higher rate than for the other cultivation 
conditions (Figure 19). 
 
 
 
 
 
 
 
 
 
 
 
Figure 19. Protein contents of Scenedesmus dimorphus NT8e cultured at medium nitrogen 
levels and under different conditions of pH and temperatures. Shown are mean values ±SD 
from three separately grown cultures. 
For effects of nitrogen on protein accumulation, Scenedesmus dimorphus NT8e produced 
slightly more protein at low nitrogen levels at 35°C and 40°C, reaching 46.42% and 39.32%, 
respectively. However, at lower temperatures, high protein contents were found in high 
nitrogen experiments, achieving 29.77% at 20°C, 44.07% at 25°C and 42.01% at 35°C 
(Figure 20). 
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Figure 20. Protein contents of Scenedesmus dimorphus NT8e cultured at pH 7 and at 
different temperatures and nitrogen levels in the medium. Shown are mean values ±SD from 
three separately grown cultures. 
3.3.4. Fatty acids 
As shown in Figure 21, the high amounts of total fatty acids produced by Scenedesmus 
dimorphus NT8e was measured at 30°C and 35°C while the fatty acid content at 25°C was 
lower. Total lipid contents reached the highest value of 15.85% at 30°C and pH 9, and were 
slightly lower at pH 8, pH 7 and pH 10 with 15.68%, 14.84% and 14.44%, respectively. At 
35°C, the highest lipid contents were achieved at pH 8 of 16.62%, but the values did not 
change much under other pH conditions, ranging from 14.07% to 15.74%. Total lipid content 
produced at 25°C was lowest and did not change much at difference pH values, ranging from 
7.70 % to 8.39 %.  
There is a difference in the proportion of saturated and unsaturated fatty acids at different 
temperatures (Table 5). Saturated fatty acids ranged from 25.89% to 20.09% at 25°C, from 
10.43% to 14.07% at 30°C and from 12.03% to 14.21% at 35°C. Saturated fatty acid contents 
increased along with increasing pH values. At 25°C, unsaturated fatty acids accounted for 
74.11% fatty acids at pH 7, 69.15% at pH 8, 67.37% at pH 9 and 70.91% at pH 10. At 30°C, 
unsaturated fatty acids decreased from 89.57% to 85.93% with increasing pH values from pH 
7 to pH 10. The trend was similar at 35°C where the content decreased from 87.79% to 
85.79% with increasing pH values.  
Scenedesmus dimorphus NT8e produced omega-3 fatty acids, including ALA, EPA and DHA. 
At 25°C, ALA content reached 28.89%, 20.22%, 20.63% and 22.65% for pH 7, pH 8, pH 9 
and pH 10, respectively. At 30°C, ALA decreased from 55.69% at pH 7 to 36.65% at pH 10. 
At 35°C, the content also decreased from 46.01% at pH 7 to 39.56% pH 10. EPA contents 
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ranged from 1.21% to 1.69%, 3.34% to 8.21% and 2.31% to 2.4% at 25°C, 30°C and 35°C, 
respectively. DHA contents ranged from 1.97% to 2.68%, 3.97% to 7.34% and 3.17% to 
3.96% at 25°C, 30°C and 35°C, respectively (Table 5). 
 
 
 
Figure 21. Fatty acid contents of Scenedesmus dimorphus NT8e cultured at medium nitrogen 
levels and under different conditions of pH and temperatures. Shown are mean values ±SD 
from three separately grown cultures. 
 
4. Discussion 
Temperature is an important environmental factor that relates to biochemical reactions in 
cells. For tropical microalgal strains, most can survive favorably in water at a wide range of 
temperatures from 20°C to 32°C (Renaud et al. 2002). In this research, three strains were 
exposed to live at a range of temperatures from 20°C to 40°C. The results show that the best 
temperature for growth of the selected microalgal strains was 25°C. Under this condition, cell 
density increased very quickly. The exponential phase was observed in the few first 2 to 3 
days of the experiments. After the exponential phase, high cell density caused limitation of 
light and carbon dioxide that affect photosynthesis. In addition, nutrients were depleted 
overtime and consequently led to a growth rates decrease. Vonshak et al. (2004) explained 
some mechanisms that reduce growth of microalgae by low temperatures including: 1, Low 
temperature causes reducing electron transport at a given photon flux rate due to lower rate of 
CO2 fixation. 2, Low temperature inhibits the active oxygen species which results in reducing 
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photoinhibition by protecting PSII. 3, Low temperature inhibits the synthesis of the D1 
protein degraded during photoinhibition (Ankita et al. 2013). 
  
Protein contents reached the highest values at the higher temperatures of 30°C or 35°C. 
Processes of biochemical metabolism at higher temperature increase and benefit from more 
fluidity in the cells (Pirt 1975). At high temperatures, the cells can process the electrons 
generated during water hydrolysis faster, they can therefore process the carbohydrate 
generated via the Calvin cycle faster. Low carbohydrate content automatically results in 
higher protein and lipid content. That is the reason why protein and lipid contents were 
produced more under high temperature conditions. However, protein and lipid contents 
dropped at extreme higher temperatures. Higher temperature may lead to breakdown of 
protein and fatty acid chains (Oliveira et al. 1999). High temperature also causes interference 
with enzymes and regulators during biochemical transformation processes (Renaud et al. 
2002). 
Although temperature is a key factor that affects directly growth and accumulation of 
biochemical composition, pH did not affect too much these processes. As observed in the pH 
experiments performed, pH values did not remain steady during the experiment compared to 
the initial set up of pH values. After a few days of experiments, media became alkline and 
remained at pH values from 9 to 10. During the photosynthesis process, the pH changes 
depending on the algae’s CO2 fixation, respiration and nitrate reduction. For instance, during 
CO2 fixation, inorganic carbon equilibria shift toward the left of the equation 1 and lead to a 
pH increase. And conversely, the pH decreases during the respiration process of microalgae 
(Granum and Myklestad 2002). During the experiments, CO2 was supplied continuously by 
an air pump system that caused CO2 fixation to dominate.    
H2O + CO2 ↔ H2CO3 ↔ H
+
 + HCO
-
3 ↔ 2H
+
 + CO3
2-
         (1) 
Thus, pH is not a significant factor of microalgal growth at the exponential phase. In addition, 
the experimental data show that microalgal strains grow well in a limited pH range, always in 
between 7 to 10 and the optimum values were defined at 8 and 9.  
Fatty acid accumulation differed for different microalgae and growth conditions. Under 
optimised conditions, microalgal strains produce higher amounts of lipids (Lim et al. 2012). 
What is the best condition for lipid production of the microalgal strains tested? Based on 
different cultivation conditions of pH and temperature, total fatty acids were produced at the 
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highest rate at 30°C among the three strains and pH did not affect significantly lipid 
accumulation as a general trend. However, the present study found a relationship of saturated 
and unsaturated fatty acid proportions of Chlorella sp. NT8a when cultures were grown at 
different temperatures and pH. Specifically, increasing temperatures and pH values induced 
proportions of saturated fatty acids contents. This response also happened to Scenedesmus 
dimorphus NT8e. However, it did not apply to Chlorella sp. BR2. It has been reported that 
temperature increases lead to an increase of lipid content and a temperature decease leads to 
an increased ratio of unsaturated fatty acids to saturated fatty acids in microalgae (Mortensen 
et al. 1988). However, Thompson et al. (1992) and Renaud et al. (2002) found that there was 
no overall consistent relationship of temperature and fatty acid proportions for all microalgae 
but this may happen to some specific microalgal strains.  
Table 2 below summarises the optimum conditions for growth, protein and lipid 
accumulation of Chlorella sp. NT8a, Chlorella sp. BR2 and Scenedesmus dimorphus NT8e. 
 
Table 2. Optimum conditions of temperature, pH and nitrogen levels in the medium for 
growth, protein and lipid accumulation of Chlorella sp. NT8a, Chlorella sp. BR2 and 
Scenedesmus dimorphus NT8e.  
 
 
Growth Protein Lipid 
Strains 
Temperatur
e 
(°C) 
pH 
Nitrogen 
levels 
Temperature 
(°C) 
pH 
Nitrogen 
levels 
Temperature 
(°C) 
pH 
Chlorella sp. 
NT8a 
25 8,9 M 35 to 40 6 - 30 to 35 8,9 
Chlorella sp. 
BR2 
25 7 M 35 6,7 L 30 10 
Scenedesmus 
dimorphus 
NT8e 
25 9 M 35 7 L 30 to 35 9 
 
Understanding the profiles of lipid and protein composition and optimum cultivation 
conditions for high productivity are necessary before upgrading to higher production scales. 
In recent years, with a demand of microalgae for commercialised and industrialised 
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production, application of a production strategy is encouraged that promotes and improves 
capacity of microalgae’s product productivity via processes of biorefinery, genetic 
engineering and advances in photobioreactors (Chisti 2007). All of these factors should be 
taken into account and probably the cost for production of microalgae should be reduced to a 
minimum to compete with other sources of protein and lipid production.  
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Table 3. Fatty acid composition in percentage of total FAMEs of Chlorella sp. NT8a at pH and temperature batch experiments 
 
Fatty acids 
25°C 30°C 35°C 
pH 7 pH 8 pH 9 pH 10 pH 7 pH 8 pH 9 pH 10 pH 7 pH 8 pH 9 pH 10 
C14:0 0.42 0.50 0.51 0.27 0.29 0.46 0.41 0.50 0.06 0.37 0.31 0.30 
C16:0 13.85 16.97 17.23 18.32 10.71 11.94 12.50 13.75 3.36 8.89 8.16 9.14 
C16:1 7.75 13.41 12.69 10.18 7.69 5.76 6.44 6.56 9.02 9.83 9.78 7.69 
C16:2 2.35 1.71 1.71 1.25 1.95 1.63 2.06 2.08 8.27 5.98 5.74 3.99 
C16:3 9.48 5.34 5.72 4.48 12.28 10.46 9.59 9.28 17.05 12.93 14.99 11.05 
C18:0 0.57 1.21 0.80 0.56 0.76 1.74 1.68 2.58 0.00 1.24 0.45 1.38 
C18:1 7.21 9.38 9.77 7.80 6.08 16.05 15.19 13.66 0.73 12.02 10.99 11.06 
C18:2 15.35 17.04 17.01 14.95 13.39 17.31 18.41 19.44 8.11 15.98 16.31 19.75 
C18:3 39.70 31.84 31.98 28.76 44.34 32.84 31.89 29.98 50.81 31.49 31.77 33.94 
C20:0 0.00 0.00 0.00 0.00 0.02 0.04 0.00 0.08 0.00 0.00 0.00 0.00 
C20:4 0.56 1.05 0.93 12.09 0.53 0.35 0.59 0.81 0.64 0.21 0.34 0.47 
C22:4 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.03 0.00 0.00 0.25 
C22:6 2.73 1.46 1.50 1.26 1.93 1.34 1.22 1.14 1.92 1.04 1.14 0.97 
C24:0 0.03 0.09 0.15 0.08 0.03 0.06 0.04 0.13 0.00 0.02 0.00 0.00 
Total saturated fatty acids 14.87 18.77 18.69 19.23 11.82 14.26 14.62 17.04 3.42 10.52 8.92 10.81 
Total unsaturated fatty 
acids 
85.13 81.23 81.31 80.77 88.18 85.74 85.38 82.96 96.58 89.48 91.08 89.19 
Total FAMEs (% DW) 18.79 9.28 9.25 20.00 30.14 29.17 28.46 21.77 18.45 13.92 21.07 17.58 
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Table 4. Fatty acid composition in percentage of total FAMEs of Chlorella sp. BR2 at pH and temperature batch experiments 
 
Fatty acids 
25°C 30°C 35°C 
pH 7 pH 8 pH 9 pH 10 pH 7 pH 8 pH 9 pH 10 pH 7 pH 8 pH 9 pH 10 
C14:0 0.13 0.12 0.12 0.12 0.07 0.10 0.12 0.09 0.16 0.18 0.21 0.22 
C16:0 9.81 11.71 11.66 10.68 10.04 12.40 9.89 14.04 13.25 12.54 12.89 13.81 
C16:1 6.43 6.45 6.93 6.85 9.71 7.23 8.05 7.22 7.04 7.27 7.63 6.38 
C16:2 4.60 4.54 4.36 3.95 4.87 4.42 5.86 5.67 7.58 8.79 8.99 9.92 
C16:3 21.60 18.64 18.49 18.86 19.18 17.46 18.10 16.17 15.26 15.83 14.55 13.73 
C18:0 0.18 1.41 0.61 0.48 0.30 0.39 0.83 1.72 0.20 0.81 0.67 0.76 
C18:1 3.90 5.02 5.48 6.00 4.30 5.45 6.25 5.15 4.90 5.51 6.49 5.93 
C18:2 13.15 15.28 15.84 17.02 13.05 16.11 17.59 19.58 16.35 16.14 18.85 20.71 
C18:3 40.05 36.49 36.15 35.73 38.01 36.12 33.04 28.69 34.91 32.63 29.35 28.35 
C20:0 0.05 0.07 0.08 0.06 0.10 0.07 0.05 0.11 0.01 0.05 0.05 0.01 
C20:4 0.05 0.25 0.24 0.24 0.31 0.24 0.21 1.48 0.34 0.19 0.28 0.17 
C22:0 0.02 0.00 0.00 0.00 0.02 0.00 0.00 0.02 0.00 0.00 0.00 0.00 
C22:4 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
C24:0 0.04 0.03 0.05 0.02 0.03 0.02 0.00 0.06 0.00 0.04 0.05 0.02 
Total saturated fatty acids 10.23 13.33 12.52 11.35 10.57 12.98 10.89 16.04 13.62 13.64 13.86 14.82 
Total unsaturated fatty 
acids 
89.77 86.67 87.48 88.65 89.43 87.02 89.11 83.96 86.38 86.36 86.14 85.18 
Total FAMEs (% dw.) 23.99 23.28 24.31 27.26 17.62 21.17 24.59 30.01 18.82 20.41 17.46 21.26 
   
119 
 
Table 5. Fatty acid composition in percentage of total FAMEs of Scenedesmus dimorphus NT8e at pH and temperature batch experiments 
 
Fatty acids 
25°C 30°C 35°C 
pH 7 pH 8 pH 9 pH 10 pH 7 pH 8 pH 9 pH 10 pH 7 pH 8 pH 9 pH 10 
C14:0 0.26 0.31 0.34 0.35 0.31 0.20 0.32 0.15 0.21 0.14 0.17 0.13 
C16:0 25.09 26.96 29.76 27.24 9.90 9.80 11.34 13.13 11.55 12.41 13.15 13.74 
C16:1 9.77 8.96 8.72 8.50 8.04 8.26 11.16 7.62 5.16 4.35 4.70 4.13 
C16:2 1.63 1.44 1.33 1.32 1.58 1.32 1.96 1.88 1.88 1.79 1.97 1.62 
C16:3 2.63 1.98 1.41 1.59 4.34 4.37 4.11 4.46 13.27 11.93 11.63 9.32 
C18:0 0.45 3.19 2.51 1.39 0.00 0.51 0.87 0.64 0.23 0.51 0.29 0.34 
C18:1 19.89 27.82 27.27 27.07 3.88 11.10 8.51 20.23 6.37 12.41 9.48 15.92 
C18:2 5.77 4.31 3.99 4.33 4.84 6.22 5.27 6.90 8.74 8.62 9.37 9.19 
C18:3 28.89 20.22 20.63 22.65 55.69 43.45 45.97 36.65 46.02 41.75 42.70 39.56 
C20:0 0.00 0.09 0.00 0.00 0.01 0.03 0.08 0.09 0.00 0.01 0.00 0.00 
C20:1 0.59 0.75 0.58 0.46 0.06 0.35 0.61 0.37 0.19 0.40 0.21 0.23 
C20:4 0.57 0.28 0.27 1.13 0.27 0.22 0.42 0.19 0.08 0.15 0.45 0.17 
C20:5 1.69 1.37 1.21 1.55 3.51 8.21 3.34 3.65 2.32 2.32 2.40 2.31 
C22:0 0.08 0.21 0.01 0.11 0.20 0.21 0.13 0.07 0.04 0.04 0.00 0.01 
C22:4 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
C22:6 2.68 2.01 1.97 2.31 7.34 5.70 5.89 3.97 3.96 3.17 3.50 3.34 
C24:0 0.02 0.09 0.00 0.00 0.00 0.05 0.01 0.00 0.00 0.01 0.00 0.00 
Total saturated fatty 
acids 
25.89 30.85 32.63 29.09 10.43 10.80 12.74 14.07 12.03 13.11 13.61 14.21 
Total unsaturated fatty 
acids 
74.11 69.15 67.37 70.91 89.57 89.20 87.26 85.93 87.97 86.89 86.39 85.79 
Total FAMEs (% dw.) 7.97 8.39 7.70 8.84 14.84 15.68 15.85 14.44 15.74 16.62 14.07 14.91 
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PART 2. SELECTION OF MICROALGAL STRAINS FOR OUTDOOR 
CULTIVATION 
 
1. Harvesting of microalgae by settling 
1.1.  Introduction 
Settling of microalgae and the speed of cell sedimentation can significantly minimise cost 
and time of downstream harvesting. Although there are no single methods for harvesting, the 
strains that possess rapid sedimentation properties are desirable, because alternative methods 
that are commonly used, such as centrifugation for primary dewatering are costly, subject to 
equipment failures and difficult to scale up. For those strains that have a lower rate of 
settling, more complex harvesting processes such as flocculation, flotation and/or 
centrifugation maybe required for primary dewatering. The cost for harvesting of biomass 
accounts up to 20–30% of total production costs (Molina Grima et al. 2003). In this part, 
sedimentation experiments were designed to compare the sedimentation properties of three 
strains. The strain with the best sedimentation properties will be chosen for subsequent 
outdoor experiments at larger scale. 
1.2. Method 
Microalgal cultures were collected at early stationary phase for settlement experiments.  The 
sedimentation method for microalgae harvesting is a quick, simple and low cost method. This 
is a screening step in order to choose the potential strains that have high a sedimentation 
speed. In the future we can use some additives to promote the sedimentation process. The 
settling rate of microalgae is influenced by factors such as stress conditions, pH and cell size. 
A total of 100 mL culture was transferred to a 100 mL glass beaker. The experiment was 
conducted in triplicates at 25°C. Microalgal samples were collected every 2 h over 10 h for 
optical density (OD) measurements. OD was measured on a spectrophotometer at 440 nm 
wavelength.   
1.3. Results and discussion 
Sedimentation of Chlorella sp. BR2, Chlorella sp. NT8a and Scenedesmus dimorphus NT8e 
cells differed clearly for the different strains tested. The best cell sedimentation was measured 
for Scenedesmus dimorphus NT8e. Scenedesmus dimorphus NT8e cultures deposited 93% of 
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the cells after 8 h, reaching 98% after 10 h. Cell depositions of Chlorella sp. NT8a and 
Chlorella sp. BR2 cultures were 62.3% and 44.8% after 10 h, respectively.  
This gravitation-based method is effective for microalgal strains that have diameters above 5 
µm and without cell disruption (Schenk et al. 2008). Cell diameters of Scenedesmus 
dimorphus NT8c range from 8 µm to 10 µm and often 2 or 4 cells group into a colony that 
further promotes the rate of sedimentation. This would be the reason why cell sedimentation 
of Scenedesmus dimorphus NT8e was much higher than Chlorella sp. BR2 and Chlorella sp. 
NT8a that only have cell diameters of 2 µm and 5 µm, respectively. 
 
Figure 1. Optical density (440 nm) for Scenedesmus dimorphus NT8e, Chlorella sp. BR2 and 
Chlorella sp. NT8a for settling experiments. Data represent mean values ± SD for three 
separately-grown cultures. 
 
2. Outdoor cultivation of Scenedesmus dimorphus NT8e 
2.1. Introduction and methods 
Large-scale outdoor cultivation is the most important step to determine whether the selected 
microalgae are suitable for mass cultivation and harvesting. This process involves higher 
costs for facilities, nutrients supply (Okauchi and Kawamura 1997) and contamination 
control and is strongly influenced by environmental conditions which all play important roles 
when determining and optimising biomass yield and the accumulation in the cells of high-
value products (Andreas CA and Dirk W-B 2015). 
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Currently, there are several different systems that are used for outdoor cultivation of 
microalgae. The most popular systems that have been used for microalgae cultivation are 
open pond and closed photobioreactors (Greenwell et al. 2010; Schenk et al. 2008). These 
systems can be used to improve microalgae growth by using secondary-treated wastewater 
and addition of nutrient-rich activated sludge liquor (Olumayowa and Jon 2014). However, at 
this stage, we used filtered river water and added nutrients for the outdoor experiments. 
Pinjarra Hills is a rural suburb of Brisbane, adjacent to the Brisbane River. It is located 15 km 
west of the Brisbane city. This area is large with a low population of only 664 people in 2011 
andmost of the area of Pinjarra Hills (approx. 260 ha) is owned by the University of 
Queensland. Construction of the Microalgae Energy Farm of the University of Queensland at 
Pinjarra Hills commenced in 2012 and opened for research in middle 2014 (Figures 2 and 
Figure 3). The farm contains one 30,000 L and two 40,000 L open ponds, three water storage 
ponds, four 180 L vertical closed photobioreactors, one 4,000 L closed photobioreactor (a 
covered raceway pond), one V-shaped harvesting pond, one solar drier, a photovoltaics 
system with battery backup, a mobile laboratory, a batch centrifuge and other facilities for 
inoculation, cultivation, harvesting and quality control of microalgae. The farm is not 
connected to the municipal electricity grid and is located near the Brisbane River that 
provides sufficient water for microalgae cultivation during the year (Figure 2). The farm also 
has an installed water recycling system that ensures re-use of water after cultivation.  
The experiments for this study were conducted during October and November of 2014. The 
season was early summer with air temperatures ranging from 25°C to 38°C and water 
temperatures ranging from 25°C to 32°C (average daily minimum and maximum 
temperatures over a month). The day/night shift was approx. 14 h/10 h. Microalgae were 
initially cultured in 10 L plastic bags to the peak of exponential phase in the laboratory before 
transferring cultures to outdoor experiments (Figure 4). Microalgae were then cultured in 
180 L bags at Pinjarra Hills before inoculating 4,000 L covered raceway pond to reach 
enough volume for cultivation in 40,000 L raceway ponds.  
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Figure 2.  Location of the microalgae farm in Pinjarra Hills in Brisbane (marked as a red oval 
in the figure) – Queensland, Australia 
 
Figure 3. Construction of 40,000 L raceway ponds during the first phase of the microalgae 
farm project in March 2013. 
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Figure 4.  Scale-up of cultivation in the laboratory before culturing outdoors 
 
 
 
Figure 5.   Cultivation of Scenedesmus dimorphus NT8e in raceway ponds (in July 2014). 
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2.2. Results and discussion 
Growth in outdoor systems was primarily assessed by determining the optical density of a 
culture by a field photometer (YSI 9500). Figure 6 presents data collected during October-
November of 2014. The culture grew very well in the 4,000 L photobioreactor (Figure 7) but 
was plagued by rotifers in the open Ponds 1 and 2 as the weather warmed up. On Nov 7
th
 
Pond 2 was split evenly between Pond 1 and 2 so a direct comparison between the two 
systems could be made. Pond 2 culture grew slightly faster than Pond 1 culture but this result 
was confounded by the presence of rotifers and both ponds were harvested on the 11
th 
November.  
 
 
Figure 6. Optical density (OD) measurements of outdoor Scenedesmus dimorphus NT8e 
culture. A drop in OD on the same day indicates the culture was used to inoculate a new 
pond. “Infinity” pond was called for the 4,000 L photobioreactor pond. 
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Figure 7. 4,000 L covered raceway pond (in July 2014) 
Outdoor accumulation of protein and lipid contents in Scenedesmus dimorphus NT8e 
Analysed data showed that protein contents for Scenedesmus dimorphus NT8e cultured under 
large-scale outdoor conditions reached 56.8% dry weight, an increase of 38.4% compared to 
indoor cultivation conditions (Chapter 5, Part 1). More protein measurements should be 
carried out over a longer timeframe to establish whether this high protein content can be 
sustained. 
After nutrient depletion and additional cultivation for 3 days, the total FAMEs contents 
reached 39.38% dry weight (Table 1), an increase of 2.3 times compared to indoor 
cultivation under optimum conditions (Chapter 5, Part 1). The lipid productivity under 
outdoor conditions was higher than indoors, increasing from 14.2 µg mL
-1
 day
-1
 to 21.8 µg 
mL
-1
 day
-1
, an increase of 53.5% compared to indoor cultivations (Table 2). 
Table 1. Fatty acid composition (% DW) of FAMEs in Scenedesmus dimorphus NT8e after 
outdoor cultivation 
Fatty acids Percentage of dry weight  
C14:0 0.26 
C16:0 7.66 
C16:1 7.19 
C16:2 2.14 
C16:3 7.02 
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C18:0 0.00 
C18:1 2.53 
C18:2 6.10 
C18:3 (ALA) 51.62 
C20:4 3.01 
C20:5 (EPA) 3.66 
C22:6 (DHA) 8.80 
Saturated fatty acids 7.93 
Unsaturated fatty acids 92.07 
Total 39.38 
 
Table 2. Comparison of lipid productivities of Scenedesmus dimorphus NT8e in this study 
with other microalgal strains from other published research. 
 Lipid productivity µg mL
-1
 day
-1
 References 
Scenedesmus dimorphus NT8e 
indoor 
12.4 - 14.2 This study 
Scenedesmus dimorphus NT8e 
outdoor 
21.85 This study 
Dunaliella salina 33.5 (Takagi et al. 2006) 
Chaetoceros muelleri 21.8 (Rodolfi et al. 2009) 
Nannochloropsis sp. 48.0 (Rodolfi et al. 2009) 
Chlorella sp.  20.0 (Converti et al. 2009) 
Tetraselmis sp. M8 indoor 2.1 (Lim et al. 2012) 
Tetraselmis sp. M8 outdoor 4.8 (Lim et al. 2012) 
 
At outdoor cultivation, proportions of saturated fatty acids and unsaturated fatty acids 
changed. Saturated fatty acid contents of C14:0, C16:0 and C18:0 decreased. Unsaturated 
fatty acid contents increased. Importantly, ω-3 fatty acid contents increased to 51.62% (DW) 
of C18:3 (ALA) and 8.80% (DW) of C22:6 (DHA), while the C20:5 (EPA) content was 
maintained at 3.66% compared to indoor cultivation.  
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A B 
During the cultivation process, contamination control is an important necessity to make the 
culture as pure as possible. Some degree of contamination control can be achieved for a 
limited time if the strain is cultured in closed photobioreactors but it is very hard to keep 
uncontaminated cultures in open pond cultivation for extended periods.  Contamination of the 
culture for open pond is believed to be caused mostly by drainage, wind and carry over from 
animals, in particular ducks. In outdoor experiments, contamination is mostly caused by 
population spikes of rotifers, fungi and bacteria (Figure 6). A solution for minimising 
contamination of the culture has been suggested by integrating open pond and closed 
photobioreactors to provide more efficient cultivation (Greenwell et al. 2010) or using of on-
line monitoring with supports of sensors for observation of both physicochemical and 
biological processes in the systems (Havlik et al. 2013). Other members of the Algae 
Biotechnology Laboratory have implemented an efficient solution for control of rotifers by 
supplying nitrogen fertiliser in the form of ammonium which at high pH values forms 
ammonia. If dosed correctly this can selectively control microalgae grazers (including 
rotifers) while Scenedesmus dimorphus NT8e remains unaffected.  
  
 
 
Figure 8.  A: Contamination observed in open ponds. B: Contamination of culture and other 
organisms (rotifers, bacteria …) under the microscope. This occasionally happened during 
outdoor cultivation experiments.  
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To mimic a commercial farm setting that might be implemented on a cattle farm, productivity 
of the algae farm in Pinjarra Hills was maximised by increasing the harvesting frequency to 
three times a week. Figure 9 shows biomass productivity data with Scenedesmus dimorphus 
NT8e over several weeks after the introduction of frequent harvesting. A maximum yield of 
16 g m
-2
 d
-1
 and an average yield of 13.1 g m
-2
 d
-1
 were achieved. 
 
Figure 9. Biomass yields of S. dimorphus NT8e grown in two 40,000 L raceway ponds that 
were harvested three times weekly.  
 
3. Conclusions 
Large-scale outdoor cultivation of Scenedesmus dimorphus NT8e improved remarkably 
protein and total FAMEs contents and productivities. Although the biochemical composition 
was variable at indoor cultivation, the contents at outdoor cultivation increased 38.4% for 
protein and 53.5% for lipid productivity compared to indoor cultivations. More 
measurements should be carried out to establish whether this high protein content can be 
sustained over a longer time period. In addition, an increase of valuable products, such as 
omega-3 fatty acids was observed. Together with the considerable sedimentation capacity 
indicated by Scenedesmus dimorphus NT8e, this strain can be considered a potential 
microalgal strain for commercial production of protein-rich feed and lipids for biodiesel or 
omega-3 rich nutraceuticals.    
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CONCLUSIONS AND FUTURE PROSPECTS 
 
 Conclusions 
Microalgae production is being developed widely at different scales because of its potential 
as an alternative source of renewable energy and food or feed stock. Besides, microalgae 
cultivation minimizes land and water use while fixing carbon. Their biggest attraction stems 
from the facts that microalgae are highly productive and their cultivation does not depend on 
arable land or freshwater resources. Although many microalgal species have been identified 
with high lipid contents, there is necessity to find strains that provide high lipid 
productivities. Finding a promising microalga for commercial cultivation is multi-facetted 
and challenging because different microalgal strains have different requirements in terms of 
nutrient intake, environmental requirements, harvesting properties and lipid extraction 
technology. 
Isolation of pure microalgal strains from the environment consumes time and requires 
technical skills. A combination of conventional and modern techniques was found to be the 
most efficient route from isolation to large-scale cultivation of microalgae. In addition, 
growing testing of microalgae is important for selecting potential strains for lipid and high 
value products production and it is necessary to develop a standard protocol to allow direct 
comparisons between strains.  
The use of local strains is desirable, as they are often dominant under the local geographical, 
climatic and ecological conditions. Result of the study shows that microalgae survived well in 
adverse environments, such as rock pools, and often possessed a high tolerance of salinity 
and temperature. Microalgae diversity in ecological communities was different in different 
environments and the course of the year. Amplicon sequencing was applied to profile the 
diversity of microalgal communities in different environments subject to tidal changes. The 
obtained data showed that the diversity of microalgae varied also by season and for the 
Brisbane River, Wellington Point and Mooloolaba the diversity at the class level in March 
was lower than in June of 2013.  
Application of FACS analysis was very effective and I conclude that this is a suitable 
technique for screening lipid producing microalgae. The fluorescence intensity after Nile red 
staining for microalgal samples from adverse environmental conditions, such as rock pools, 
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was higher than the other environments where ecological conditions were more favourable 
for rapid growth, such as in mangrove forests or river waters. I propose that highly variable 
and extreme conditions that can be found in coastal rock pools may harbor a lower 
biodiversity of aquatic microorganisms but that the microalgae that are found there are 
opportunistic and fast-growing with a strong ability to survive adverse conditions by being 
able to accumulate large amounts of lipids. These are traits that are highly desirable for 
microalgal strains used in commercial production. Despite the many claims in the literature, a 
study examining higher survival rates of microalgae containing large amounts of lipids had 
not been reported, but was experimentally demonstrated in this thesis.  
Diatom strains Nitzschia sp. CP2a, Nitzschia sp. CP3a, Cymbella sp. CP2b and Cylindrotheca 
closterium SI1c isolated from brackish and sea waters in South East Queensland produced 
high total lipid contents, from 35.36 µg mL-1 to 50.53 µg mL-1. Major saturated fatty acids 
produced by these strains are C14:0, C16:0 and C18:0. Among the unsaturated fatty acids, 
omega-3 fatty acids including ALA, EPA and DHA were produced. ALA was produced 
relatively high amounts in Cylindrotheca closterium SI1c reaching 10.83% of total fatty 
acids; EPA was produced by Nitzschia sp. CP2a and CP3a reaching 12.46% and 14.49%, 
respectively.  
Green algae Chlorella sp. NT8a and Scenedesmus dimorphus NT8c collected from the 
Northern Territory grew very well in BBM medium. These strains were collected from cattle 
farms with the aim to identify protein-rich strains suitable for cattle feed. Protein produced 
from Chlorella sp. NT8a and Scenedesmus dimorphus NT8c accounted for 16.2% and 22.6% 
of the dry weight, respectively. Total fatty acids were produced at 116.9 μg mL-1 and 76.21 
μg mL-1, equivalent to 14.0% and 9.5% dry weight for Chlorella sp. NT8a and Scenedesmus 
dimorphus NT8c, respectively. These two strains adapted very well to laboratory-scale 
conditions and were chosen for optimisation of cultivation condition for lipid and protein 
production. 
Temperature is an important factor that significantly improves protein and lipid production of 
Chlorella sp. NT8a, Chlorella sp. BR2 and Scenedesmus dimorphus NT8c. For protein the 
highest production was achieved at 35°C, twice as high than production measured at the 
prescreening steps. Lipid production was highest at 30°C for these strains. pH values between 
6-10 were not found to be a significant factor that affected the growth rate of microalgae at 
exponential phase. However, favourable pH values for biomass productivity were found at 
pH 7 for Chlorella sp. BR2, pH 8 and pH 9 for Chlorella sp. NT8a and pH 9 for Scenedesmus 
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dimorphus NT8e. Protein production was stimulated at a low pH of 6 and 7, and lipid was 
induced at pH values of 8, 9 and 10. In addition, increasing the pH led to higher biosynthesis 
of saturated fatty acids. This observation deserves further experimentation, as saturated fatty 
acids are often the preferred feedstock for biodiesel production and some specialized oils 
(e.g. for surfactants). Under optimised conditions, Chlorella sp. NT8a and Chlorella sp. BR2 
produced a high percentage of ALA and Scenedesmus dimorphus NT8e produced ALA, EPA 
and DHA. The maximum ALA content reached over 50% of FAMEs for the three strains. 
Maximum EPA and DHA contents reached 8.2 % (at pH 8) and 7.34 % (at pH 7), 
respectively, for Scenedesmus dimorphus NT8e at 30°C. 
Protein and lipid contents produced by Scenedesmus dimorphus NT8e were higher during 
large-scale outdoor compared to small-scale indoor cultivation. Protein reached 56.8% of the 
dry weight and was increased by 38.4% compared to indoor cultivation. Total FAMEs 
reached 39.38% of the dry weight, a 2.3-fold increase compared to indoor cultivation under 
optimised conditions. Lipid productivity increased from 14.2 µg mL
-1
 day
-1
 to 21.8 µg mL
-1
 
day
-1
. These properties, together with the ability to settle by gravity, made Scenedesmus 
dimorphus NT8e an ideal candidate for larger scale outdoor cultivation. Cultivation and 
harvesting of this strain at the 250,000 L Algae Energy Farm at Pinjarra Hills confirmed that 
this strain can be mass-cultivated and harvested without any major difficulties. To mimic a 
commercial farm setting, productivity of the farm was maximised by increasing harvesting 
frequency to 3 times a week. This showed yields of 16 g m
-2
 d
-1
. Long-term and large-scale 
cultivation of this strain together with planned lipid extraction for biodiesel and cattle feed 
experiments, will reveal whether this strain presents a viable feedstock for feed and biofuel.  
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Future prospects. 
Each microalgal strain has different biological characteristics in terms of nutrient intake and 
biochemical metabolism. Thus, individual microalgae need to be further researched for 
different factors that may induce or maximise lipid or protein accumulation. This fine-tuning 
of nutrient and cultivation requirements may lead to additional productivity increases.  
Scenedesmus sp. NT8e is a promising candidate for protein and lipid production. This strain 
can be stimulated under optimum growth conditions. Expression profiling of genes encoding 
enzymes participating in protein and fatty acids synthesis on the strain may benefit future 
work to improve and maximise the production of valuable microalgal products. Future 
studies and longer term experience can determine whether locally adapted species, like this 
one, will prevail over long-term and large-scale cultivation. 
Diatom strains in this study produced high amounts of lipid, especially Cylindrotheca 
closterium SI1c, Nitzschia sp. CP2a and CP3a. These strains need to be further characterised 
for their adaptation capacity at laboratory scale by optimising cultivation conditions. 
Further research on the effects of some other abiotic factors on growth, protein and lipid 
accumulation of microalgae, such as light intensity, salinity, pH controls and UV lights can 
be carried out. A future study comparing the growth rates and lipid productivities of 
microalgae isolated from stable and unstable environments may further substantiate whether 
microalgae from unstable environments possess higher lipid accumulation potential.  
Application of a bio-refinery concept on the selected strains to maximise economic and 
environmental benefits from microalgal biomass is necessary. A comprehensive life cycle 
assessment of biofuel, feed and/or food production needs to be taken into account before 
scaling up to commercial production of the selected microalgae. 
  
138 
 
APPENDICES 
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(Incorporated as Chapter 5) 
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Appendix 5. SEQUENCE DATABASE OF THE ISOLATED MICROALGAL 
STRAINS REGISTERED AT GENEBANK WEBSITE OF NATIONAL CENTER 
FOR BIOTECHNOLOGY INFORMATION (NCBI) 
 
 
LOCUS       KF286274          523 bp    DNA     linear   PLN 05-OCT-2013 
DEFINITION  Desmodesmus communis isolate NT3a 18S ribosomal RNA gene,                
partial sequence. 
ACCESSION   KF286274 
VERSION     KF286274.1  GI:548691197 
ORIGIN       
        1 agtttggttg cagttacagg ctcgtagttg gatttcgggt gggttttagc ggtccgccta 
       61 tggtgagtac tgctatggcc ttccttactg tcggggacct gcttctgggc ttcactgtcc 
      121 gggacaggga ttcggcatgg ttactttgag taaattagag tgttcaaagc aggcttacgc 
      181 cggaatactt tagcatggaa taacatgata ggactctgcc ctattttgtt ggcctgtagg 
      241 agtggagtaa tgattaagag gaacagtcgg gggcattcgt atttcattgt cagaggtgaa 
      301 attcttggat ttatgaaaga cgaactactg cgaaagcatt tgccaaggat gttttcatta 
      361 atcaagaacg aaagttgggg gctcgaagac gattagatac cgtcgtagtc tcaaccataa 
      421 acgatgccga ctagggattg gcggacgttt ttgcatgact ccgtcagcac cttgagagaa 
      481 atcaaagttt ttgggttcgg ggaaagatgg tagaaaacac aaa 
 
 
LOCUS       KF286275        524 bp    DNA     linear   PLN 05-OCT-2013 
DEFINITION  Desmodesmus sp. isolate NT3b 18S ribosomal RNA gene, partial 
sequence. 
ACCESSION   KF286275 
VERSION     KF286275.1  GI:548691198 
ORIGIN       
        1 aagtttggtt gcagttaaaa gctcgtagtt ggatttcggg tgggtttcag cggtccgcct 
       61 atggtgagta ctgctgtggc cttccttact gtcggggacc tgcttctggg cttcattgtc 
      121 cgggacaggg attcggcatg gttactttga gtaaattaga gtgttcaaag caggcttacg 
      181 ccgtgaatac tttagcatgg aataacatga taggactctg ccctattctg ttggcctgta 
      241 ggagtggagt aatgattaag aggaacagtc gggggcattc gtatttcatt gtcagaggtg 
      301 aaattcttgg atttatgaaa gacgaactac tgcgaaagca tttgccaagg atgttttcat 
      361 taatcaagaa cgaaagttgg gggctcgaag acgattagat accgtcgtag tctcaaccat 
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      421 aaacgatgcc gactagggat tggcggacgt ttttgcatga ctccgtcagc accttgagag 
      481 aaatcaaagt ttttgggttc cgggaggttg ggttgtcacc caaa 
 
 
LOCUS       KF286276                 523 bp    DNA     linear   PLN 05-OCT-
2013 
DEFINITION  Scenedesmus armatus isolate NT3d 18S ribosomal RNA gene, 
partial sequence. 
ACCESSION   KF286276 
VERSION     KF286276.1  GI:548691199 
ORIGIN       
        1 agtttggttg cagttaaaag ctcgtagttg gatttcgggt gggtttcagc ggtccgccta 
       61 tggtgagtac tgctgtggcc tatcttactg tcggggacct gcttctgggc ttcattgtcc 
      121 gggacaggga ttcggcatgg ttactttgag taaattggag tgttcaaagc aggcttacgc 
      181 cgtgaacatt ttagcatgga ataacatgat aggactctgc cctattctgt tggcctgtag 
      241 gagtggagta atgattaaga ggaacagtcg ggggcattcg tatttcattg tcagaggtga 
      301 aattcttgga tttatgaaag acgaactact gcgaaagcat ttgccaagga tgttttcatt 
      361 aatcaagaac gaaagttggg ggctcgaaga cgattagata ccgtcgtagt ctcaaccata 
      421 aacgatgccg actagggatt ggcggacgtt tttgcatgac tccgtcagca ccttgagaga 
      481 aatcaaagtt tttgggttcg gggaatttgg tgtttaaaca ana 
 
LOCUS       KF286277      524 bp    DNA     linear   PLN 05-OCT-2013 
DEFINITION  Desmodesmus pannonicus isolate NT3e 18S ribosomal RNA gene, 
partial sequence. 
ACCESSION   KF286277 
VERSION     KF286277.1  GI:548691200 
ORIGIN       
        1 taaatttggt tgcagttaaa agctcgtagt tggatttcgg gtgggtttta gcggtccgcc 
       61 tatggtgagt actgctatgg ccttccttac tgtcggggac ctgcttctgg gcttcattgt 
      121 ccgggacagg gattcggcat ggttactttg agtaaattag agtgttcaaa gcaggcttac 
      181 gccgtgaata ctttagcatg gaataacata ataggactct gccctatttt gttggcctgt 
      241 aggagtggag taatgattaa gaggaacagt cgggggcatt cgtatttcat tgtcagaggt 
      301 gaaattcttg gatttatgaa agacgaacta ctgcgaaagc atttgccaag gatgttttca 
      361 ttaatcaaga acgaaagttg ggggctcgaa gacgattaga taccgtcgta gtctcaacca 
      421 taaacgatgc cgactaggga ttggcggacg tttttgcatg actccgtcag caccttgaga 
      481 gaaatcaaag tttttggttc cgggaaaatt taggggataa acaa 
 
 
LOCUS       KF286278       527 bp    DNA     linear   PLN 05-OCT-2013 
DEFINITION  Mychonastes timauensis isolate NT9b 18S ribosomal RNA gene, 
partial sequence. 
ACCESSION   KF286278 
VERSION     KF286278.1  GI:548691201 
ORIGIN       
        1 ggggttggtt ggtgcagtta caagctcgta gttggatttc gggcgcgtcg cgttggtccg 
       61 ccaacggtga gtacttgcgt cggcgcgcct tcctgccggg gacgggctcc tgggcttcac 
      121 tgtctgggac tcggagtcgg cgacgttact ttgagaaaat tagagtgttc aaagcaggcc 
      181 tacgctcgaa tactttagca tggaataaca cgataggact ctggcctatc ctgttggtct 
      241 gtaggaccgg agtaatgatt aagagggaca gtcgggggca ttcgtatttc attgtcagag 
      301 gtgaaattct tggatttatg aaagacgaac cactgcgaaa gcatttgcca aggatgtttt 
      361 cattaatcaa gaacgaaagt tgggggctcg aagacgatta gataccgtcg tagtctcaac 
      421 cataaacgat gccgactagg gattggcggg cgttgattta atgaccccgc cagcaccttg 
      481 tgagaaatca aagtttttgg gttcggggaa aattgggggt ccaaaaa 
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LOCUS       KF286279      524 bp    DNA     linear   PLN 05-OCT-2013 
DEFINITION  Pseudomuriella sp. NT6 18S ribosomal RNA gene, partial 
sequence. 
ACCESSION   KF286279 
VERSION     KF286279.1  GI:548691202 
ORIGIN       
        1 tatggttgtt gcagttacaa gctcgtagtt ggatttcggg tgggtttcag cggtccgcct 
       61 ttggtgagta ctgctgcggc cttcctttct gccggggacg ggctcctggg cttcactgtc 
      121 cgggactcgg agtcggcgag gatactttga gtaaattgga gtgttcaaag caggcctacg 
      181 ctctgaacat tttagcatgg aatatcacga taggactctg gcctatcttg ttggtctgta 
      241 ggaccggagt aatgattaag agggacagtc gggggcattc gtatttcatt gtcagaggtg 
      301 aaattcttgg atttatgaaa gacgaactac tgcgaaagca tttgccaagg atgttttcat 
      361 taatcaagaa cgaaagttgg gggctcgaag acgattagat accgtcgtag tctcaaccat 
      421 aaacgatgcc gactagggat tggcggatgt tcttttgatg actccgccag caccttatga 
      481 gaaatcaaag tttttgggtt ccggggggat aatgggtaca ccaa 
 
 
LOCUS       KF286280       524 bp    DNA     linear   PLN 05-OCT-2013 
DEFINITION  Chlamydomonas mexicana isolate BO2a 18S ribosomal RNA gene, 
partial sequence. 
ACCESSION   KF286280 
VERSION     KF286280.1  GI:548691203 
ORIGIN       
        1 taagtttgtt gcagttaaaa gctcgtagtt ggatttcggg tgggttggcg cggtccgcct 
       61 ttggtgtgca ctgcgtcggt ccaccttcca gccggggacg ggttcctggg cttaactgtc 
      121 tgggactcgg agtcggcgat gttactttga gtaaattaga gtgttcaaag caggcctacg 
      181 ctctgaatac gttagcatgg aataacgcga taggactctg gcctatccgt tggtctgtgg 
      241 gaccggagta atgattaaga gggacagtcg ggggcattcg tattccgttg tcagaggtga 
      301 aattcttgga tttacggaag acgaacttct gcgaaagcat ttgccaagga tgttttcatt 
      361 aatcaagaac gaaagttggg ggctcgaaga cgattagata ccgtcgtagt ctcaaccata 
      421 aacgatgccg actagggatc ggcgggtgtt cttttgatga ccccgccggc accttatgag 
      481 aaatcaaagt ttttgggttc cggggggaaa atggggggaa aaaa 
 
 
LOCUS       KF360813      478 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Achnanthes sp. BR22.53 18S ribosomal RNA gene, partial 
sequence. 
ACCESSION   KF360813 
VERSION     KF360813.1  GI:555593313 
ORIGIN       
        1 tccaatagcg tatattaaag ttgttgcagt taaaaagctc gtagttggat ttgtggtggt 
       61 tcctgtggtc ctattttggt acttgcagga actgccatcc ttgggtggat cctgtgtggc 
      121 attaggttgt cgtgcagggg atgctcatcg tttactgtga aaaaattaga gtgttcaaag 
      181 caggcttatg ccgttgaata tattagcatg gaataatgag ataggacctt ggtactattt 
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      241 tgttggtttg cgcaccgagg taatgattaa tagggacagt tgtgggtatt cgtattccat 
      301 tgtcagaggt gaaattcttg gatttctgga agacgaacta atgcgaaagc atttaccaag 
      361 gatgttttca ttaatcaaga acgaaagtta ggggatcgaa gatgattaga taccatcgta 
      421 gtcttaacca taaactatgc cgacaaggga ttggcggggt ttcgttacgt ctccgtca 
 
 
 
LOCUS       KF360815       477 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Bacillariophyta sp. B3 18S ribosomal RNA gene, partial 
sequence. 
ACCESSION   KF360815 
VERSION     KF360815.1  GI:555593315 
ORIGIN       
        1 ctcgtagttg atttgtggtg atccctgggg tccgatttcg gtactcttgg ggattgccat 
       61 ccttgggtgg atcctgtgtg gcattaggtt gtcgtgcggg ggatgcccat cgtttactgt 
      121 gaaaaaatta gagtgttcaa agcaggctta tgccgttgaa tatattagca tggaataata 
      181 agataggacc ttggtactat tttgttggtt tgcgcaccga ggtaatgatt aatagggaca 
      241 gttgtgggta ttcgtattcc attgtcagag gtgaaattct tggatttctg gaagacgaac 
      301 taatgcgaaa gcatttacca aggatgtttt cattaatcaa gaacgaaagt taggggatcg 
      361 aagatgatta gataccatcg tagtcttaac cataaactat gccgacaagg gattggcggg 
      421 gtctcgttac gtctccgtca gcaccttatg agaaatcaca agtttttggg ttccggg 
 
 
LOCUS       KF360816        476 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Bacillariophyta sp. SI1a 18S ribosomal RNA gene, partial 
sequence. 
ACCESSION   KF360816 
VERSION     KF360816.1  GI:555593316 
ORIGIN       
        1 ctcgtagttg attcgtggtg atccctgggg tccgatttcg gtactcttgg ggattgccat 
       61 ccttgggtgg atcctgtgtg gcattaggtt gtcgtgcggg ggatgcccat cgtttactgt 
      121 gaaaaaatta gagtgttcaa agcaggctta tgccgttgaa tatattagca tggaataata 
      181 agataggacc ttggtactat tttgttggtt tgcgcaccga ggtaatgatt aatagggaca 
      241 gttgtgggta ttcgtattcc attgtcagag gtgaaattct tggatttctg gaagacgaac 
      301 taatgcgaaa gcatttacca aggatgtttt cattaatcaa gaacgaaagt taggggatcg 
      361 aagatgatta gataccatcg tagtcttaac cataaactat gccgacaagg gattggcggg 
      421 gtctcgttac gtctccgtca gcaccttatg aaaaatcaca agtttttggg ttccgg 
 
 
LOCUS       KF360818       486 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Cylindrotheca closterium isolate SI1c 18S ribosomal RNA gene, 
            partial sequence. 
ACCESSION   KF360818 
VERSION     KF360818.1  GI:555593318 
ORIGIN       
        1 ctcgtagttg gatttgtggt gtacttcggc ggcccgtcac tatgtgatgg agcttgctga 
       61 agtcgccatc cttgggtgga tcctgtgtgg cattaagttg tcgtgcaggg gatgcccatc 
      121 gtttactgtg aaaaaattag agtgttcaaa gcaggcttat gccgttgaat atattagcat 
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      181 ggaataataa gataggacct tggtactatt ttgttggttt gcgcaccaag gtaatgatta 
      241 atagggacag ttgggggtat tcgtatttca ttgtcagagg tgaaattctt ggatttttga 
      301 aagacgaact actgcgaaag catttaccaa ggatgttttc attaatcaag aacgaaagtt 
      361 aggggatcga agatgattag ataccatcgt agtcttaacc ataaactatg ccgacaaggg 
      421 attggtggag tttcgttatg tctccatcag caccttatga aaaatcacaa gtctttgggt 
      481 tccggg 
 
 
LOCUS       KF360819      484 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Cymbella cistuliformis isolate CP2c 18S ribosomal RNA gene, 
partial sequence. 
ACCESSION   KF360819 
VERSION     KF360819.1  GI:555593319 
ORIGIN       
        1 cgtagttgga tttgtgggtt cgttccgccg gccgggccta ttggccttgg ctggtcgggg 
       61 cgtccatcct tgggtggaac ctgtgtggca ttaggttgtc gcgcagggga tgcccatcgt 
      121 ttactgtgag aaaattagag tgttcaaagc aggcttatgc cgttgaatat gttagcatgg 
      181 aataatgata taggaccttg gtactatttt gttggtttgc gcactgaggt aatgattaat 
      241 agggacagtt gggggtattc gtattccatt gtaagaggtg aaattcttgg atttttggaa 
      301 gacgaactac tgcgaaagca tttaccaagg atgttttcat taatcaagaa cgaaagttag 
      361 gggatcgaag atgattagat accatcgtag tcttaaccat aaactatgcc gacaagggat 
      421 tggtggggtt tcgtttcgtc tccatcagca ccttatgaaa aatcacaagt ctttgggttc 
      481 cggg 
 
LOCUS       KF360820      484 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Cymbella sp. CP2b 18S ribosomal RNA gene, partial sequence. 
ACCESSION   KF360820 
VERSION     KF360820.1  GI:555593320 
ORIGIN       
        1 ctcgtagttg gatttgtggt tcgttccgcc ggccgggcct attggccttg gctggtcggg 
       61 gcgtccatcc ttgggtggaa cctgtgtggc attaggttgt cgcgcagggg atgcccatcg 
      121 tttactgtga gaaaattaga gtgttcaaag caggcttatg ccgttgaata tgttagcatg 
      181 gaataatgat ataggacctt ggtactattt tgttggtttg cgcactgagg taatgattaa 
      241 tagggacagt tgggggtatt cgtattccat tgtaagaggt gaaattcttg gatttttgga 
      301 agacgaacta ctgcgaaagc atttaccaag gatgttttca ttaatcaaga acgaaagtta 
      361 ggggatcgaa gatgattaga taccatcgta gtcttaacca taaactatgc cgacaaggga 
      421 ttggtggggt ttcgtttcgt ctccatcagc accttatgag aaatcacaag tctttgggtt 
      481 ccgg 
 
 
LOCUS       KF360822      486 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Navicula ramosissima isolate BR22.52 18S ribosomal RNA gene, 
            partial sequence. 
ACCESSION   KF360822 
VERSION     KF360822.1  GI:555593322 
ORIGIN       
        1 caatagcgta tattaaagtt gttgcagtta aaaagctcgt agttggattt gtggcgtacg 
       61 gtgtgttccg ggcacttgtt gtctgagtaa cctgctgttg ccatccttgg gtggaacctg 
      121 tgtggcatta ggttgtcgtg caggggatgc ccatcattta ctgtgaaaaa attagagtgt 
      181 tcaaagcagg cttatgccgt tgaatatatt agcatggaat aatgagatag gacttttttg 
      241 ctattttgtt ggtttgcgca aagaggtaat gattaatagg gacagttggg ggtattcgta 
144 
 
      301 ttccattgtc agaggtgaaa ttcttggatt tttggaagac gaactactgc gaaagcattt 
      361 accaaggatg ttttcattaa tcaagaacga aagttagggg atcgaagatg attagatacc 
      421 atcgtagtct taaccataaa ctatgccgac aagggattgg tggagtctcg ttatgtctcc 
      481 atcagc 
 
 
LOCUS       KF360823      407 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Navicula gregaria isolate CP6a 18S ribosomal RNA gene, partial 
            sequence. 
ACCESSION   KF360823 
VERSION     KF360823.1  GI:555593323 
ORIGIN       
        1 acgacgggct ccgggcactt gttgtctgag tagcttgtcg ttgccatcct tgggtggaat 
       61 ctgtgtggca ttttgttgtc gtgcagggga tgcccatctt ttactgtgaa aaaattaaag 
      121 tgttcaaagc aggcttatgc cgttgaatat attagcatgg aataataata taggactttg 
      181 tcgctatttt gttggtttgc gcgataaggt aatgattaat agggacagtt gggggtattc 
      241 gtattccatt gtcagaggtg aaattcttgg atttctggaa gacgaactac tgcgaaagca 
      301 tttaccaagg atgttttcat taatcaagaa cgaaagttag gggatcgaag atgattagat 
      361 accatcgtag tcttaaccat aaactatgcc gacaagggat tggtgga 
 
LOCUS       KF360824        491 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Navicula sp. SI2d 18S ribosomal RNA gene, partial sequence. 
ACCESSION   KF360824 
VERSION     KF360824.1  GI:555593324 
ORIGIN       
        1 agctcgtagt tggatttgtg gcgtacggtg ggttccgggc acgtattatg tccgagtaac 
       61 ttgctgttgc catccttggg tggaacctgt gtggcattag gttgtcgtgc aggggatgcc 
      121 catcatttac tgtgaaaaaa ttagagtgtt caaagcaggc ttatgccgtt gaatatatta 
      181 gcatggaata atgagatagg acttttttgc tattttgttg gtttgcgcaa agaggtaatg 
      241 attaataggg acagttgggg gtattcgtat tccattgtca gaggtgaaat tcttggattt 
      301 ttggaagacg aactactgcg aaagcattta ccaaggatgt tttcattaat caagaacgaa 
      361 agttagggga tcgaagatga ttagatacca tcgtagtctt aaccataaac tatgccgaca 
      421 agggattggt ggagtctcgt tatgtctcca tcagcacctt atgagaaatc acaagtcttt 
      481 gggttccggg g 
 
 
LOCUS       KF360825    482 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Nitzschia sp. CP2a 18S ribosomal RNA gene, partial sequence. 
ACCESSION   KF360825 
VERSION     KF360825.1  GI:555593325 
ORIGIN       
        1 agcgtatatt aaagttgttg cagttaaaaa gctcgtagtt ggatttgtgg ttcgtcccgc 
       61 cggccgggcc tattggccct ggctggtttt ggggcgtcca tccttgggtg gagcctgtgt 
      121 ggcattaggt tgtcgtgcag gggatgccca tcttttactg tgagaaaatt agagtgttca 
      181 aagcaggctt atgccgttga atatgttagc atggaataat gatataggac cttggtacta 
      241 ttttgttggt ttgcgcactg aggtaatgat taacagggac agttgggggt attcgtattc 
      301 cattgtaaga ggtgaaattc ttggattttt ggaagacgaa ctactgcgaa agcatttacc 
      361 aaggatgttt tcattaatca agaacgaaag ttaggggatc gaagatgatt agataccatc 
      421 gtagtcttaa ccataaacta tgccgacaag ggattggtgg ggtttcgttc gtctccatca 
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      481 gc 
 
LOCUS       KF360826      473 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Nitzschia sp. CP3a 18S ribosomal RNA gene, partial sequence. 
ACCESSION   KF360826 
VERSION     KF360826.1  GI:555593326 
ORIGIN       
        1 atattaaagt tgttgcagtt aaaaagctcg tagttggatt tgtggttcgt tccgccggcc 
       61 gggcctattg gccttggctg gtcggggcgt ccatccttgg gtggaacctg tgtggcatta 
      121 ggttgtcgcg caggggatgc ccatcgttta ctgtgagaaa attagagtgt tcaaagcagg 
      181 cttatgccgt tgaatatgtt agcatggaat aatgatatag gaccttggta ctattttgtt 
      241 ggtttgcgca ctgaggtaat gattaatagg gacagttggg ggtattcgta ttccattgta 
      301 agaggtgaaa ttcttggatt tttggaagac gaactactgc gaaagcattt accaaggatg 
      361 ttttcattaa tcaagaacga aagttagggg atcgaagatg attagatacc atcgtagtct 
      421 taaccataaa ctatgccgac aagggattgg tggggtttcg ttcgtctcca tca 
 
 
LOCUS       KF360828      486 bp    DNA     linear   PLN 05-NOV-2013 
DEFINITION  Thalassiosira rotula isolate SI2a 18S ribosomal RNA gene, 
partial 
            sequence. 
ACCESSION   KF360828 
VERSION     KF360828.1  GI:555593328 
ORIGIN       
        1 ctcgtagttg gatttctggc aggaggggcc ggtcacacac tctgtgcgtg aactcgtgcc 
       61 gtctctggcc atcctcgggg agatcctgtt tggcattaag ttgtcgggca ggggataccc 
      121 gtcgtttact gtgaaaaaat tagagtgttt aaagcaggct tatgccgttg aatatattag 
      181 catggaataa taagatagga cttcggaact attttgttgg tttgcgttac gaagtaatga 
      241 ttaataggga cagttggggg tattcgtatt ccgttgtcag aggtgaaatt cttggatttc 
      301 cggaagacga actactgcga aagcatttac caaggatgtt ttcattaatc aagaacgaaa 
      361 gttaggggat cgaagatgat tagataccat cgtagtctta accataaact atgccgactc 
      421 gggatcggag gttgtttttt gactccttcg gcaccgtatg agaaatcaaa gtctttgggt 
      481 tccggg 
 
 
